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Bioremediation of sediments contaminated with marine oil spillages is a treatment 
technology that aims to achieve the goal of a permanent cleanup of the inter-tidal 
shoreline. This research study was undertaken to establish an optimised in-situ oil 
bioremediation strategy for Singapore’s coastline. The experiments were executed in 
seven parts. 
 
In the first part of the study, the key factors for stimulating indigenous oil 
biodegradation in beach sediment were screened. It was proven that nutrient addition 
was the key factor determining the rate of oil biodegradation compared to amendments 
of crude palm oil, as a simple carbon co-substrate, and an enhanced microbial biomass 
inoculum. Therefore, the second and third part of the study focused on identifying an 
optimised nutrient source for oil bioremediation in beach sediment. Three nutrient 
amendments were investigated alone and in combination, i.e., the slow-release 
fertilisers Osmocote and Inipol, and soluble nutrients. Overall, the amendment of 
Osmocote was crucial for stimulating oil biodegradation in sediment. Soluble 
inorganic nutrients and Inipol were also beneficial for oil biodegradation, but to a 
lesser extent. Osmocote dosage was optimised in part four of the study. The 
experimental results showed that Osmocote, at a concentration of 0.8 to 1.5% dry 
weight equivalent, was sufficient to maximise the microbial biomass activity and the 
degradation of straight (i.e., nC10 – nC33) and branched alkanes (i.e., pristane, and 
phytane). 
 
In part five of the study, a 105-d field investigation using Osmocote was conducted 





was demonstrated that the presence of Osmocote was able to significantly accelerate 
the biodegradation of aliphatics and PAHs in this field trial relative to an unamended 
control. However, PAH biodegradation still required further enhancement. 
 
In part six of the study, the effect of two biopolymers, chitin and chitosan, as well as 
Osmocote, on the bioremediation of oil-spiked beach sediments was investigated using 
a laboratory based open microcosms irrigated with seawater. Chitin was biodegraded 
over the duration of the experiment, gradually releasing nitrogen and stimulating 
alkane biodegradation by the indigenous microbial biomass. Both chitin and chitosan 
enhanced biodegradation rates of the alkanes (n-C12 to n-C32, pristane and phytane) in 
the presence of Osmcote, where chitosan was more effective than chitin. Chitosan has 
a greater oil sorption capacity than chitin and significantly enhanced the 
biodegradation rates of all target PAHs with ring number from 2 to 6.  
 
In part seven of the study, a 95-d field trial of oil bioremediation in beach sediment 
using Osmocote and chitson was set up on an inter-tidal foreshore. In this field trial, 
the addition of chitosan to the Osmocote amended sediments significantly enhanced 
the biodegradation rates of 2 to 6- ring PAHs by 1.18 to 2.56 fold relative to Osmocote 
alone.  
 
In summary, an optimised and effective strategy has been developed to undertake in 
situ oil bioremediation on the inter-tidal foreshore environment. It has been proven that 
in situ bioremediation using a combination of Osmocote and chitosan is an effective 
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Biodegradation of total target 5-ring PAHs (mean and standard 
deviation of duplicates are shown). C/CH, hopane-normalized 





Biodegradation of total target 6-ring PAHs (mean and standard 
deviation of duplicates are shown). C/CH, hopane-normalized 
concentration of total target 6-ring PAHs. 
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Figure C1 Biodegradation of branched alkanes (pristane and phytane). 
Mean and standard deviation of duplicates are shown. C/CH, 





Biodegradation of total target 2-ring PAHs (i.e., naphthalene 
and its C1 to C4 alkyl homologues). Mean and standard 
deviation of duplicates are shown. C/CH, hopane-normalized 





Biodegradation of total target 3-ring PAHs and their C1 to C4 
alkyl homologues (mean and standard deviation of duplicates 
are shown). C/CH, hopane-normalized concentration of total 
target 3-ring PAHs and their C1 to C4 alkyl homologues. 
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Figure D Map of Singapore with the field trial location, Pulau Semakau. 
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Figure E1 The arrangement of field trial setup. 
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Figure E2 The quadrat with side windows. 
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Figure E3 Oil-spiked control after one year. 
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Figure E4 Oil-spiked sediment amended with Osmocote after one year. 
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Figure F1 Oil-spiked control on Day 0. 
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Figure F2 Oil-spiked control on Day 95. 
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Figure F3 Oil-spiked sediment treated with Osmocote alone on Day 95. 
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Bioremediation treatments for oil-contaminated beach 
sediments. Abbreviations used in manuscript text to refer to 






Description of treatments performed in 5 kg oil-spiked beach 





The mean values of initial TRPH, TRPH loss from sediment, 
TRPH loss from leachate, and TRPH loss due to 
biodegradation (i.e., the difference between the latter two ) in 
45 days as well as their standard deviation for each treatment. 
These TRPH losses were calculated per microcosm (i.e., per 5 





Loss of TRPH and aliphatics due to biodegradation in 45 days 





The loss of aliphatics in control and six treated sediments in 





Reaction rate constants (k), coefficients of determination (r2), 






Effect of Os dosages after 42-days treatment on microbial 
dehydrogenase activity (DHA) and biodegradation of ALCO 
components. DHA units are mg INTF⋅kg-1dry sediment⋅h-1; 
Os, OsmocoteTM; SA, straight alkanes (C10-C33).  
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Table 8.1 First-order rate constants (k), coefficients of determination (r2), 
and y-intercepts (C/CH)0 estimate for the degradation of total 
n-alkanes (C10-C33), branched alkanes (pristane and phytane), 
and PAHs (2- to 6- ring PAHs and the C1 to C4 alkyl 
homologues of 2- and 3- ring PAHs). R2-R3 respectively 
represents the total 2-ring PAHs and total 3-ring PAHs 
including their C1 to C4 alkyl homologues. R4-6 represents 
total PAHs with ring-number from 4 to 6. y0, T, theoretically 
estimated values of y-intercept using first order biodegradation 
model; y0, E, experimentally measured values of y-intercept. 
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Bioremediation treatments on 5kg (dwt) of ALCO-spiked 




Table 9.2 Summary of the y-intercepts (y0), rate constants (k), and 
coefficients of determination (r2) for the total n-alkane (C12 to 
C33), branched alkanes (pristine and phytane), PAHs (i.e., 2- to 
6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- 
ring PAHs), as well as PAHs with different ring number from 
2 to 6. R2-R3 respectively represents the total 2-ring PAHs 
and total 3-ring PAHs including their C1 to C4 alkyl 
homologues. R4-6 represents total PAHs with ring-number 





First-order rate constants (k), coefficients of determination (r2), 
and y-intercepts (C/CH)0 for the degradation of total n-alkanes 
(TnAlk; C10-C33), branched alkanes (TBrAlk; pristane and 
phytane), and PAHs (TPAHs; 2- to 6- ring PAHs and the C1 to 
C4 alkyl homologues of 2- and 3- ring PAHs). R2-R3 
respectively represents the total 2-ring PAHs and total 3-ring 
PAHs including their C1 to C4 alkyl homologues. R4-6 
represents total PAHs with ring-numbers of 4 to 6. y0, T, 
theoretically estimated values of y-intercept using first order 















Growing industrialization and demand for energy resources has led to a considerable 
increase in marine transportation of crude oil and offshore exploration activities. The 
risk of marine oil pollution is increasing accordingly. Bioremediation of marine 
foreshore environments contaminated with petroleum hydrocarbons can be an effective 
clean-up technology with the potential to be environmentally safe and economical. 
However, its success is still to be established in various oil-spill scenarios. 
 
A significant amount of oil comes is discharged into the sea from the operational 
discharge of ships (ballast and bilge water) as well as from incidents such as collisions 
and groundings (Doerffer, 1992). Offshore exploration and exploitation of oil and gas 
reserves is associated with the danger of blow-outs and major spills. Deliberate release 
of oil can also cause considerable contamination. For example, during the Gulf War in 
1991, 0.82 megatonnes of oil was released into the Kuwait threatening desalination 
plants and the coastal ecosystem of the Gulf (Swannell et al., 1996). Major oil spill 
incidents such as the recent Prestige disaster in Spain have demonstrated the 
vulnerability of marine waters and nearby shorelines to petroleum contamination. 
 
In Singapore, the petrochemical industry plays a key role in the economy. Its crude oil 
refining capacity is approximately 1.3 million barrels per day (Economics Department, 




Singapore 1999). At the port of Singapore, several hundred ships visit or pass by every 
day. This high volume of traffic coupled with Singapore being the world’s third largest 
petroleum refining center poses a major risk of oil spillage as a result of the 
transportation, processing and storage of oil.  
 
On 15 October 1997, the collision of the Cyprus-registered Evoikos and the Thai-
flagged Orapin Global resulted in an oil spill of about 28,500 tonnes in the Singapore 
Straits. The volume of oil spilt was significant in relation to other major marine oil 
spills around the world where, for example, the Exxon Valdez incident spilled 36,000 
tonnes of crude oil into Prince William Sound, Alaska in 1989. On 3 October 2000, a 
Panama-registered oil tanker Natuna Sea ran aground in Indonesian waters off Batu 
Berhanti Beacon, spilling 7,000 tonnes of oil. The oil spilled affected the beaches of 
nearby islands such as Pulau Semakau, Pulau Sudong, Sentosa, St John's Island, as 
well as Raffles Lighthouse and East Coast Park. After an oil spill, the heavier portion 
of the oil that does not evaporate can wash onto rocky and sandy shores due to the 
effects of the tide, currents and waves. This can cause serious harm to sea birds, 
mammals, shellfish and plant life.  
 
The development of environmentally safe technologies for the cleanup of an oil spill 
around Singapore is an important prerequisite in the contingency and emergency 
response procedure following a marine oil spillage. In an emergency response by the 
authorities, the cleanup operation focuses on the restoration of environmental quality 
of marine waters and the foreshores of nearby islands. Cleanup strategies of oil spills 
include physical, chemical, and biological methods. Physical techniques used include 





of skimmers to recover oil from the sea and absorbents to remove oil sheen. The shores 
can also be cleaned with high-pressure water hoses. This method is time consuming 
and manpower intensive and can further damage the shoreline further by killing and 
disturbing any organisms left alive after the spill (Fingas, 2001). 
 
Chemical cleanup methods focus on the intensive use of dispersant and/or detergent 
that is sprayed onto the oil slick using planes.   The objective is to break up the slicks 
on the water surface to prevent oil from fouling coastal habitats. Beach cleaning of 
affected coastline includes spraying of dispersants, surface agitation and the recovery 
of treated oil (Maritime and Port Authority of Singapore, 2000). Although dispersants 
can protect the shoreline if used correctly, they do not break down the oil, which can 
remain acutely toxic to marine life.  
 
In recent years, bioremediation of oil spills received more attention because of its 
potential advantages over conventional techniques. These advantages include low 
material and operational costs, and low negative impact to the environment. However, 
no bioremediation techniques have been deployed to date during oil spill cleanup 
operations in Singapore (Mathew et al., 1999). 
 
As an oil spill countermeasure within the marine environment, bioremediation has 
been defined as “the act of adding materials to contaminated environments to cause an 
acceleration of the natural biodegradation processes” (Mearns, 1997). Biodegradation 
is known to be the principal natural process for the removal of the nonvolatile fraction 
of oil from the environment (Hoff, 1993; Mearns, 1997). It is a natural process, 
whereby complex organic substances are broken down for metabolic use by 




hydrocarbon-degrading organisms such as bacteria, fungi and yeasts (Hoff, 1993; 
Mearns, 1997). Normally, oil biodegradation rates may be limited by several factors 
including oxygen, nutrients and the abundance of hydrocarbon-degrading 
microorganisms. 
 
In theory, there are two main approaches to the bioremediation of oil spills. The first is 
biostimulation, which involves the amendment of nutrients (nitrogen, phosphorus, 
potassium, etc.) or other co-substrates to stimulate the growth of indigenous 
hydrocarbon microbial biomass (Lee and Merlin, 1999). The second is 
bioaugmentation or seeding, which involves the addition of oil degraders to 
supplement the existing microbial population (Atlas and Bartha, 1992; Mearns, 1997; 
Lee and Merlin, 1999).  In addition, natural biodegradation rates can also be enhanced 
by increasing the surface area of the oil by dispersion or tilling, and/or increasing 
oxygen transport by tilling contaminated soil or by adding chemicals that donate 
oxygen (Mearns, 1997). 
 
Bioremediation in Singapore is feasible because the climate is relatively moderate and 
stable. During the year, ambient temperature ranges from 25 to 35 oC and humidity 
from 60% to 84% (Singapore National Environment Agency, 2002). Pre-exposure to 
past oil spills made the sediment on shores rich in active biomass to degrade oil 
hydrocarbons. On the shoreline of Singapore, the pH and moisture of sediments is not 
a constraint to microbial activity, where a seawater pH of 7.9 is in the optimum range 
of pH 6.5 – 8.0 for hydrocarbon biodegradation (Morgan and Watkinson, 1989). Beach 
sediments maintain moisture content due to wave and tidal action, as well as high 





biodegradation by the indigenous microbial biomass. However, significant constraints 
also prevail. Low wave action near the shoreline limits physical agitation and 
oxygenation of sediments, and the open nature of the foreshore environment leads to 
aggressive leaching of essential nutrients and co-factors that support the 
biodegradation process. In summary, bioremediation of oil-contaminated sediments on 
shoreline in Singapore is potentially a highly effective technique for the 
environmentally benign destruction of hydrocarbons, if the limitations on 
biodegradation can be overcome.  
 
1.2 Objectives and Scope  
 
The principal objective of this research has been to establish an optimized in-situ 
bioremediation strategy to reclaim the oil-contaminated beach sediments in Singapore. 
The key approach has been to focus the on biostimulation and bioaugmentation of the 
indigenous microbial biomass, based on two strategic research levels i.e., laboratory 
investigation and field trial. 
 
The specific objectives of this research and its scope are as follows: 
 (1) To study the influence of nutrients, inoculum and crude palm oil (CPO, as a 
simple carbon co-substrate) on hydrocarbon biodegradation. More 
specifically: (i) to investigate and compare the effectiveness of nutrients, 
inoculum, co-substrate, and their combinations on oil biodegradation in 
beach sediments in a simulated tropical marine foreshore; and (ii) to select a 
stable biomarker to assess and quantify the extent of hydrocarbon 
biodegradation. Refer to Chapter 4. 




(2) To investigate the effect of nutrient amendments on the rates of 
biodegradation indigenous hydrocarbon in oil-contaminated beach 
sediments. More specifically: (i) to study the retention time of soluble 
inorganic nutrients, the organic fertilizer Inipol EAP-22TM (Inipol), and 
OsmocoteTM (Osmocote) (a slow-release fertilizer) in oil-spiked beach 
sediments under controlled laboratory conditions; (ii) to study and compare 
the above three nutrient amendments, as well as their combinations, on the 
biodegradation rates of hydrocarbons; and (iii) to determine the optimal 
formulation of nutrients to maximize stimulation of oil biodegradation in 
beach sediments. Refer to Chapter 5. 
 
(3) To study the ability of the three nutrient additives mentioned in (2) above on 
enhancing PAH biodegradation in oil-contaminated beach sediments. A total 
of twenty-two PAHs with benzene ring numbers between 2 to 6, as well as 
the alkyl homologues of 2- and 3- ring PAHs, were monitored.  Refer to 
Chapter 6. 
 
(4) To optimize the slow-release fertilizer dosage for bioremediation of oil-
contaminated beach sediments. More specifically: (i) to study the effect of 
Osmocote dosage on the sediment pore water nutrient (N, P, and K, etc.) 
concentration, metabolic activity of the microbial biomass, and the rate of 
biodegradation of oil components in beach sediments; and (ii) to identify an 
optimal dosage of Osmocote under simulated conditions for use in-situ to 






(5) To study the effectiveness of oil bioremediation using an optimized dosage 
of Osmocote in a field trial on an inter-tidal foreshore environment of 
Singapore. More specifically: (i) to test the effect of Osmocote on 
maintaining nutrient levels in foreshore beach sediments; (ii) to determine 
the effect of Osmocote on the metabolic activity of the indigenous microbial 
biomass; (iii) to investigate the effect of Osmocote on the intrinsic 
biodegradation of hydrocarbons (i.e., straight and branched alkanes, as well 
as PAHs with ring number from 2 to 6). Refer to Chapter 8. 
 
(6) To study the effects of the biopolymers chitin and chitosan on the 
biodegradation rates of crude oil in beach sediments. More specifically: (i) 
to measure the oil sorption capacity of chitin and chitosan; (ii) to investigate 
the nitrogen release of the above two biopolymers; (iii) to study their 
influence on biomass metabolic activity and oil biodegradation in beach 
sediments, in the presence and absence of Osmocote slow release fertilizer. 
Refer to Chapter 9. 
 
(7) To establish field trials on an inter-tidal foreshore environment of 
Singsapore to study the effectiveness of nutrient and biopolymer additives 
in-situ. More specifically: to apply the bioremediation additives, Osmocote 
and chitosan, to oil-contaminated beach sediments and monitor the loss of 
alkanes and PAHs, to determine the potential for oil bioremediation. Refer 
to Chapter 10. 
 




In summary, a series of methods and technologies have been developed to determine 
and enhance the potential of in situ bioremediation of oil in inter-tidal foreshore beach 






CHAPTER 2  
LITERATURE REVIEW 
 
Bioremediation has been recognized as the ‘ultimate’ solution to oil spills (Hoff, 1993; 
Mearns, 1997). This confident proclamation followed the encouraging results of 
pioneering field tests conducted after the 1989 Exxon Valdez oil spill in Milford Sound, 
Alaska and other early bioremediation experiments (Mearns, 1997). This chapter aims 
to summarize the basics, principles and scientific advances in oil bioremediation 
research and development. Key information on the microbial metabolism of 
hydrocarbons, factors affecting bioremediation rates and methods for quantification, 
and the current status of oil bioremediation technologies are reviewed. 
 
2.1 Microbial Metabolism of Hydrocarbons – Principle of 
Bioremediation 
 
Bioremediation is the attempt to accelerate biodegradation of oil. Biodegradation is a 
natural process whereby complex organic substances are broken down for metabolic 
use by hydrocarbon-degrading organisms such as bacteria, fungi and yeasts (Hoff, 
1993; Swannell et al., 1996; Mearns, 1997). All heterotrophic organisms depend on 
oxidation-reduction reactions of a carbon substrate as the source of metabolic energy. 
The magnitude of energy available depends on the nature of the carbon source and the 
metabolic pathway utilised by the organism. The modes of microbial metabolism and 
the mechanisms of petroleum hydrocarbon biodegradation are described in this section. 




2.1.1 Modes of Microbial Metabolism 
There are three metabolic pathways by which microbes can reduce or alter 
hydrocarbon constituents. These include: aerobic respiration; anaerobic respiration and 
fermentation. Petroleum hydrocarbons are ultimately converted to carbon dioxide and 
water in aerobic respiration. Under anaerobic conditions, the anaerobes use alternate 
electron acceptors instead of molecular oxygen. These can be derived from inorganic 
substrates such as NO3-, SO42-, CO32-, Mn(IV), Fe(III) ions. Carbon dioxide is not the 
end metabolic product, but is reduced to methane instead. The fermentation process 
depends on the presence of suitable organic compounds that act as both electron 
donors and acceptors. The end products of fermentation may include CO2, acetate, 
ethanol, propionic acid or butyric acid. 
 
Amongst these pathways, aerobic respiration is the most efficient in terms of energy 
production, and fermentation the least. This is also the case in terms of the practical 
application of metabolic strategies to environmental bioremediation, where the rate of 
aerobic metabolism is usually greatest and most effective in the destruction of 
petroleum hydrocarbons.  
 
2.1.2 Mechanisms of Petroleum Hydrocarbon Biodegradation 
Many research studies have been conducted on hydrocarbon utilization by 
microorganisms. The metabolic degradation pathways of alkanes (Singer and Finnerty, 
1984; Watkinson and Morgan, 1990), cycloalkanes (Perry, 1984), and aromatics 
(Cerniglia, 1992; Sutherland, 1992) have been widely studied as they are the 
predominant constituents of crude oil and many petroleum products. Their metabolic 





2.1.2.1  Microbial degradation of alkanes 
A large number of bacteria and fungi have the ability to use n-alkanes as a source of 
electrons for energy generation and as a source of carbon for the synthesis of new 
biomass. Molecular oxygen (O2) is usually required to affect biodegradation of alkanes, 
as O2 is a reactant as well as serving as the ultimate acceptor of electrons derived from 
alkane oxidation. It has been reported that the microbial degradation of n-alkanes 
normally proceeds by a mono-terminal attack resulting in the production of a primary 
alcohol. Subsequently, aldehyde and monocarboxylic acid are formed, as summarized 
below (Singer and Finnerty, 1984; Rittmann, et al., 1994): 
 
Alkane → Alcohol → Aldehyde → Fatty Acid → Acetate → CO2 + H2O + biomass 
 
Further degradation of monocarboxylic acids proceeds via β-oxidation with the 
subsequent formation of a fatty acid that is two-carbon-unit-shorter and acetyl 
coenzyme A, with the eventual liberation of CO2 (Singer and Finnerty, 1984; 
Watkinson and Morgan, 1990; Atlas and Bartha, 1992). Although sub-terminal 
oxidation is a minor side reaction catalyzed by bacteria that grow on n-alkanes, it may 
be the primary reaction catalyzed by soil bacteria that co-oxidize alkanes during 
growth on other substrates (Rittmann et al., 1994).  
 
Highly branched isoprenoid alkanes normally undergo ω-oxidation and form 
dicarboxylic acids. Pristane is a typical branched alkane that follows this degradation 
pathway. Methyl branching generally increases the resistance of hydrocarbons to 






2.1.2.2  Microbial degradation of cyclic hydrocarbons 
Cycloalkanes have been reported as substrates in co-oxidation undertaken by 
monoxygenases, resulting in the formation of a cyclic alcohol that is subsequently 
dehydrogenated to yield a ketone (Atlas and Bartha, 1992). A second monooxygenase 
is required to introduce an oxygen molecule into the cyclic ketone, lactonizing the ring 
and preparing it for cleavage (Perry, 1984). Substituted cycloalkanes are degraded 
more readily than unsubstituted forms, particularly if there is an n-alkane of adequate 
chain length (Perry, 1984). The pathway of cycloalkane biodegradaton is shown as: 
 
Cycloalkane → Cyclic alcohol → Cyclic ketone → Cyclic lactone → CO2 + H2O + 
biomass. 
 
2.1.2.3  Microbial degradation of aromatic hydrocarbons 
The biodegradation of aromatic compounds usually involves the action of a 
dioxygenase resulting in the formation of a diol that spontaneously decays to catechol. 
This is oxidatively cleaved to form a diacid by ortho or meta cleavage (Cerniglia, 
1992). The metabolic pathway is shown as: 
 
Aromatic →  Diol → Catechol → Diacid → CO2 + H2O + biomass 
 
2.2 Factors Influencing Hydrocarbon Biodegradation 
 
Normally, the factors that affect the biodegradation of hydrocarbons can be divided 
into three aspects: physical, chemical and biological. A thorough understanding of 





biotreatment process. Signification factors that affect biodegradation are summarized 
in this section, including chemical composition, physical state and concentration of oil 
hydrocarbons in contaminant, sediment texture and structure, oxygen availability, 
moisture content, nutrient availability, redox potential, temperature, pH and the 
presence of hydrocarbon degrading microorganisms. 
 
2.2.1 Chemical Composition, Physical State, and Concentration of Oil  
Oil is a complex mixture made up of hundreds of compounds, mostly hydrocarbons 
(Doerffer 1992). Petroleum hydrocarbons are broadly divided into four classes: 
saturates, aromatics, asphaltenes; and resins. In general, when a broad spectrum of 
microorganisms are exposed to more than one substrate, it is most likely that 
degradation of the substrates occurs in a definite sequence (sparing) rather than a 
simultaneous attack on all substrates simultaneously. The susceptibility of 
hydrocarbons to biodegradation is in the following order: n-alkanes > branched alkanes 
> aromatics > asphaltenes (Perry, 1984). However, it has also been reported that the 
degradation of low-molecular-weight aromatics is more rapid than alkanes in crude oil 
by marine microbes (Fedorak and Westlake, 1981 a and b). Compositional 
heterogeneity among different crude oils and refined products is another important 
factor that influences the overall biodegradation rate of both the oil and its component 
fractions (Jobson et al., 1972). 
 
Hydrocarbon concentrations usually far exceed water solubility limits in the event of 
an oil spill. The area of oil available for microbial colonization depends on the degree 
of oil spreading and fractionation. Spreading depends on viscosity, which in turn is 





soil, the oil moves vertically downwards and is adsorbed on the soil particles (Bossert 
and Bartha, 1984). Evaporative loss of volatile hydrocarbons is limited in the case of 
oil in sediments, resulting in toxicity to microorganisms. The effective toxicity of 
petroleum constituents can be significantly reduced by absorption onto the solid phase. 
However, persistent oil residues are often formed as a result of absorption and 
adsorption to humic substances. 
 
A concentration in the range of 1-100 µg g-1 dry weight soil or sediment is not 
normally considered toxic to common heterotrophic bacteria and fungi (Riser-Robert 
1992), although the concentration at which inhibition occurs varies with the compound 
and the organism (Alexander, 1985). It has been reported that contamination of 
seashore sediments with crude oil above a threshold concentration prevents 
biodegradation because of oxygen and/or nutrient limitation (Fusey and Oudot, 1984). 
When the contamination in the sediment was in the range of 1.25 to 5%, the evolution 
CO2 was found to increase, but a level of 10% resulted in a declination of degradation 
rates. Generally, a level of 5% contamination is considered to result in optimum 
biodegradation (Dibble and Bartha 1979; Brown et al. 1983). 
 
2.2.2 Sediment Texture and Structure 
Sediment texture and structure is a key factor in the application of oil bioremediation 
strategies. Texture affects the biodegradability of hydrocarbons and the ability of 
microbes to metabolize the compounds by influencing rates of aeration and water 
infiltration, permeability, holding, and adsorption capacity (Hornick, 1983). The 
sediment type also determines the microbial populations present and the mobility of 





2.2.3 Oxygen Availability 
As mentioned in Section 2.1.1, aerobic respiration is the metabolic pathway, which is 
more efficient than anaerobic respiration and fermentation. Therefore, it is usually the 
preferred method to use in oil bioremediation. The oxidation of the substrate by 
oxygenases during the process of aerobic respiration, for which molecular oxygen is 
required, occurs in the initial steps of catabolism of aliphatic, cyclic and aromatic 
hydrocarbons by bacteria and fungi (Leahy and Colwell, 1990). As a result, the speed 
of biodegradation can be enhanced by aeration (Atlas, 1981; Bossert and Bartha, 1984).  
 
2.2.4 Moisture Content 
Water is essential in metabolic activity. It is required for microbial growth and 
diffusion of nutrients, substrates and products or by-products during the substrate 
breakdown process. As a result, moisture content affects the bioavailability of 
contaminants, movement and the growth of microbes. Osmotic and matrix forces limit 
availability of water in dry sediments and consequently reduce microbial growth. On 
the other hand, oxygen limitation tends to slow down the biodegradation process as the 
system becomes anaerobic in wet conditions. Generally, a moisture content of 50% to 
80% of the water holding capacity of soils are optimal for microbial activity (Bossert 
and Bartha, 1984). The water holding capacity is determined by the density and the 
texture of the soil. 
 
2.2.5 Nutrients 
Microorganisms need essential macronutrients such as N and P, as well as other 
mineral nutrients for incorporation into biomass. As a result, the availability of these 





population of oil degrading microorganisms increases rapidly after an oil spill event 
(Atlas and Bartha, 1992). Usually, the growth of microorganisms is rapidly constrained 
by nutrient depletion, even in the presence of a degradable substrate (Atlas, 1991; 
Pritchard et al., 1992; Lessard et al., 1995; Sveum and Ramstad, 1995; Wright et al., 
1996; Mearns, 1997; Venosa et al., 1997; Oudot et al., 1998; Lee and Merlin, 1999; 
Liebeg and Cutright, 1999; Ramsay et al., 2000; Swannell et al., 1999; Santas et al., 
1999, Santas and Santas, 2000). For an oil slick at sea, there is a mass of carbon 
available for microbial growth within a limited area and the hydrocarbon-degrading 
microorganisms must rely on the nutrients available in that limited volume of water in 
direct contact with the oil. When considering soluble hydrocarbons, nitrogen and 
phosphorus are probably not limiting since the solubility of the hydrocarbons is so low 
as to preclude establishment of an unfavorable C:N or C:P ratio for biodegradation to 
proceed (Atlas and Bartha, 1992). In considering the limitations of nutrients to 
biodegradation of hydrocarbons at sea, the concept of determining “nitrogen demand” 
has been proposed by Floodgate (1979) which is analogous to the concept of 
biochemical oxygen demand. As an example, for a Kuwait crude oil at a temperature 
of 14°C, the nitrogen demand was found to be 4nmole of nitrogen per µg oil (Atlas and 
Bartha, 1992). 
 
In addition to N and P, in clean offshore seawater the low availability of iron was also 
found to limit hydrocarbon biodegradation, but the same limitation was not evident in 
sediment-rich nearshore seawater (Dibble and Bartha, 1979). No other mineral 
nutrients were found or are suspected to be limiting for oil biodegradation in seawater, 
but in some freshwater environments the sulfate concentration may be insufficient to 





nitrogen and phosphorus availability may also limit hydrocarbon biodegradation in 
terrestrial situations (Bossert and Bartha, 1984; Bartha, 1986). Normally, the addition 
of nutrients to oil-contaminated soil or sediments was based on attaining the optimal 
molar ratio of C:N:P for bioremediation i.e. 100:10:1 (Liebeg and Cutright, 1999; 
Fingas, 2001). 
 
2.2.6 Redox Potential 
Redox-potential has an impact on microbial transformation of contaminants during 
bioremediation. At redox potentials of about 300 mV, methanogenesis can occur in the 
presence of carbon dioxide as an election acceptor. At redox potentials of more than 
300mV, aerobic reactions, denitrification, valence reduction and sulphate reduction 
can occur, depending on whether the electron acceptor is oxygen, nitrate ions, Mn(IV) 
or Fe(III) and sulphate respectively (Suthersan, 1997). Interpretations of measured 
values of redox potential are not straightforward as natural systems are not usually at 
chemical equilibrium. Concentrations of specific oxidants or reductants affect 
microbial metabolic activity regardless of redox potential, as enzymatic activity is 
influenced by effects on their three dimensional conformation (Suthersan, 1997). It has 
also been stated that the optimum redox potential is greater than 50 mV for aerobes 




Hydrocarbon biodegradation can occur over a wide range of temperatures. 
Temperature determines the rates of microbial hydrocarbon-degradation via its effect 





area available for microbial colonization and the hydrocarbons remaining after 
evaporation for microbial metabolic attack), and via the metabolic rate of 
microorganisms (Atlas, 1981; Leahy and Colwell, 1990).  
 
2.2.8 pH  
The effect of pH on oil biodegradation in the marine environment has received only 
limited attention since seawater is well buffered around pH 8.5. An optimum pH was 
found to be 8.0 and the natural pH of seawater is permissive of high rates of oil 
biodegradation when other limitations are removed (Atlas and Bartha, 1992). As 
bacteria have a pH optimum at or above neutrality, whereas most fungi are tolerant to 
lower pH, the favorable effect of liming on hydrocarbon biodegradation is consistent 
with a bacterial dominance in terrestrial hydrocarbon biodegradation (Bossert and 
Bartha, 1984; Bartha, 1986; Song et al., 1990). 
 
2.2.9 Population of Hydrocarbon Degrading Microbes 
Petroleum bioremediation is carried out by microorganisms capable of utilising 
hydrocarbons as a source of energy and carbon. These microorganisms are ubiquitous 
in nature and are capable of degrading the various types of hydrocarbons – short-chain, 
long-chain and numerous aromatic compounds, including polycyclic aromatic 
hydrocarbons. The most active biodegradation occurs in the upper sediment zone, and 
this zone has the largest microbial population. Over one hundred species of bacteria, 
yeast, actinomycetes and fungi are known to be able to attack one or more petroleum 
hydrocarbons (Atlas, 1981; Bossert and Bartha, 1984). Amongst them, bacteria and 





It has been found that the population of hydrocarbon degrading microorganisms 
increases from less than 1% to up to 10% of the microbial community in 
soil/sediments after exposure to oil contamination (Atlas et al., 1981; Song and Bartha, 
1990; Amund and Igigri, 1990; Lessard et al., 1995). This phenomenon is called 
‘adaptation’, and heralds an increase in the hydrocarbon degradation potential within 
the ecosystem (Spain et al., 1980). Adaptation can occur by three interrelated 
mechanisms: induction and/or repression of specific enzymes, genetic changes that 
bring about new metabolic capabilities, and selective enrichment that transforms the 
compounds or compounds of interest (Spain et al., 1980; Spain and Van Veld, 1983).  
 
2.3 Bioremediation Strategies 
 
In this section, two kinds of oil bioremediation system are discussed: in-situ and ex-
situ bioremediation. The bioremediation system selected depends on the physical, 
chemical and biological properties of the contaminant, the site characteristics, clean-up 
criteria, and local and state regulatory requirements (Bollati and Luzi, 1997). 
 
2.3.1 In Situ Bioremediation 
The strategy of in situ bioremediation aims to stimulate the growth of the indigenous 
microorganisms (Rittmann, 1994) or imported microorganisms to degrade hydrocarbon 
contaminants (Atlas and Bartha, 1992). Indigenous microbes are generally preferred 
(Mearns, 1997) since many factors, such as weather, currents, wind, waves, rainfall, 
and microbial competition and predation, act to limit the effectiveness of adding 
bacteria or other materials to an oil spill at the sea coast. In situ bioremediation method 





site assessment is required for success (Mearns, 1997). Sediment hydraulic 
permeability, the composition of the contaminant, the concentration, soil temperature, 
soil nutrient level, the diversity of the indigenous microbial population and local 
regulatory limits are all important criteria that are used in selecting the mode of 
treatment. The most popular in situ treatments include biostimulation, bioaugmentation, 
and the application of surfactant. 
 
2.3.1.1  Biostimulation 
Addition of nutrients. It is generally acknowledged that the biodegradation of 
petroleum hydrocarbons in oil-contaminated marine foreshore environments can be 
accelerated by the application of essential nutrients to enhance metabolic activity of 
the indigenous microbial biomass (Atlas, 1991; Mearns, 1997). Such biostimulation of 
the biomass is based on the premise that essential metabolic nutrients, including 
nitrogen and phosphorus, are usually deficient in the open inter-tidal foreshore 
environment (Pritchard et al., 1992; Sveum and Ramstad, 1995). Levels of soluble 
nitrogen in sediment pore waters are known to affect oil biodegradation rates, and the 
presence and fate of nutrients in sediments is often the deciding factor in determining 
the overall success of bioremediation (Lee and Merlin, 1999). Both organic and 
inorganic forms of nutrients may be applied to beach sediments as a single fertilizer or 
mixtures of several types. The prerequisite for their effective use as a bioremediation 
additive is their ability to stimulate biodegradation within a short period of time 
following application, combined with an ability to deliver a sustained release of 
nutrients to the microbial biomass in an aggressive leaching environment (Lee and 






Three strategies of nutrient application are generally used for bioremediation purposes: 
 
i) Addition of soluble mineral nutrients: Venosa et al., (1996 and 1997) showed that 
approximately 1.5 mg NO3--N L-1 in interstitial pore water of beach sediments is 
sufficient to maintain optimal biodegradation activity by the microbial biomass, and 
this level could be maintained by the daily application of inorganic nutrients (i.e., 
NaNO3 and Na5P3O10) dissolved in seawater.  
 
ii) Addition of organic nutrient formulations: Inipol EAP-22 is the most widely used 
oleophilic fertilizer for oil bioremediation in beach sediments (Lessard et al., 1995). By 
emulsifying the oil into droplets, Inipol enhances the contact area between the oil and 
its outside environment including air, water, nutrients and hydrocarbon degrading 
microorganisms, thereby stimulating biodegradation. Fishmeal and related products, 
composed mainly of protein, is another type of organic fertilizer that is known to 
accelerate oil biodegradation (Sveum and Ramstad, 1995; Santas et al., 1999, 2000).  
 
iii) Slow-release inorganic fertilizers (SRIFs): SRIFs have been developed mainly for 
agricultural use and are slowly dissolved or degraded by continual or intermittent 
contact with water to provide a sustained release of nutrients (Lessard et al., 1995). 
They can be divided into three groups based on the process by which the nutrients are 
released (Relf, 1996). Firstly, pelletized SRIFs consist of relatively insoluble nutrients 
in pelletized form, where nutrient release is dependent on pellet surface area. Such 
SRIFs, include Customblen (Pritchard et al., 1992; Lessard et al., 1995) and Max Bac 
(Sveum and Ramstad, 1995; Wright et al., 1996; Oudot et al., 1998) which have been 





chemically altered SRIFs are designed to render a portion of the fertilizer insoluble in 
water. For example, urea has been chemically modified to make the SRIF, Ureaform 
(ureaformaldehyde). Lastly, coated SRIF is designed to coat or encapsulate water-
soluble fertilizers in membranes to permit a slow release of inorganic nutrients into the 
substrate. (Ramsay et al., 2000; Swannell et al., 1999). 
 
Different nutrient-amendments have their own distinct merits, and a combination of 
different fertilizer types may further enhance the effectiveness of oil bioremediation 
additives. This is based on the principle that the indigenous microbial biomass, in the 
presence of petroleum hydrocarbons, benefits from a source of nutrients that can be 
readily assimilated prior to the on-set of nutrient release from SRIFs or oleophilic 
fertilizers. For example, Pritchard et al. (1992) demonstrated that oil biodegradation 
was enhanced when soluble inorganic nutrients were used in conjunction with Inipol.  
 
Addition of oxygen and alternate electron acceptors. Microbial oil degradation 
rates within sediments are very slow under anoxic conditions. Sediment tilling has 
been advocated as a bioremediation treatment to increase the penetration depth of 
oxygen and nutrient supplements. Use of chemical oxidants such as hydrogen, calcium 
and magnesium peroxides to alleviate oxygen deficiency within sediments is now also 
being considered. Although carbon transformations by aerobic microorganisms are 
inhibited in many fine sediment/wetland environments, facultative and obligate 
anaerobes become active in anoxic environments and will degrade organic compounds. 
Carbon transfer processes in anoxic environments include fermentation, nitrate 





the organic compound itself acts as the terminal electron acceptor, these processes 
require an inorganic oxidant (e.g. NO3- and SO42-) (Lee and Merlin, 1999). 
 
Addition of co-substrate. It is known that addition of simple-carbon sources to oil-
contaminated sediments, as well as inorganic nutrients, can accelerate biodegradation 
rates via co-metabolism, biomass nutrient turnover and enhanced hydrocarbon 
availability (Sveum et al., 1994; Nelson et al., 1996; Walter et al., 1997).  
   
The oleophilic fertilizer, Inipol EAP-22, as used in the bioremediation of foreshore 
environments following the 1989 Exxon Valdez oil spill, has an external phase of oleic 
fatty acid in addition to an intrinsic nutrient content (Lessard et al., 1995). However, 
simple carbon sources such as fishmeal, in the presence of inorganic nutrients, have 
proven to be superior to Inipol EAP-22 in stimulating oil biodegradation in beach 
sediments (Sveum et al., 1994; Santas et al., 1999).  Guanidinium salts of coconut fatty 
acids and methyl derivatives of vegetable oils (or ‘biodiesel’) are also known to 
accelerate hydrocarbon biodegradation (Nelson et al., 1996; Miller and Mudge, 1997; 
Mudge and Pereira, 1999). Fatty acids are intermediates in hydrocarbon metabolism 
and are readily degraded by indigenous microorganisms via the ß-oxidation metabolic 
pathway (Ratledge, 1994). Their abundance in biodiesel, for example, represents a 
simple carbon source for microorganisms that co-metabolise petroleum hydrocarbons 
(Mudge and Pereira, 1999). Enhanced nutrient immobilisation in the biomass as a 
result of simple carbon mineralisation may also reduce nutrient ‘wash-out’ in the open 
inter-tidal environment, sustaining bioremediation as a result of biomass attrition and 






2.3.1.2  Bioaugmentation 
Bioaugmentation, involving the direct application of metabolically enhanced 
microorganisms derived from the contaminated site, is also regarded as an effective 
bioremediation method (Korda et al., 1997; Santas et al., 1999). This approach is often 
favourable to that of adding extraneous, non-indigenous microorganisms (Mearns, 
1997; Swannell et al., 1997; Lee and Merlin, 1999). However, recent studies have 
shown that the addition of a commercial mixture of oil-degrading marine bacteria 
and/or enriched cultures of indigenous oil-degrading bacteria does not significantly 
enhance rates of biodegradation in the natural environment over that achieved by 
nutrient enrichment alone. Allochthonous microorganisms appear to be unable to 
complete with the natural microflora under changing environmental conditions 
(Mearns, 1997). Most successes with biodegradation enhancements using 
allochthonous microbial cultures have been achieved when chemostats or fermentors 
were used to control conditions and/or reduce competition from indigenous microflora 
(Mearns, 1997).  
  
2.3.1.3  Application of surfactants 
One main factor that influences the extent of oil biodegradation is the bioavailability of 
the hydrocarbons, and increasing bioavailability is a priority objective in 
bioremediation research (Bardi et al., 2000). The hydrophobicity and low water 
solubility of the heavy portion of oil means that hydrocarbons transfer very slowly 
from the non-aqueous to the aqueous phase where they are subject to metabolisation by 
microorganisms. In soils or sediment hydrocarbons can be strongly adsorbed to clay or 






Surfactants are designed to have a chemical affinity for both oil (lipophilic) and water 
(hydrophilic) phases. When applied to a film of oil, the surfactant molecules diffuse to 
the oil water interface (Bruheim et al., 1997), where they align themselves so that the 
lipophilic end of the molecule is attached to the oil phase and the hydrophilic end 
extends into the water phase. This reduces the interfacial surface tension between 
water and oil, thereby allowing oil to mix into the top 5-10 m of the water column as 
tiny (1-70 µm) droplets (Lessard and DeMarco, 2000). This process makes the oil 
droplets highly accessible to hydrocarbon-degrading bacteria, thereby promoting 
biodegradation and removal from the environment. 
 
Reported studies on the effects of surfactants, which are important parts oil-spill 
dispersant mixtures, in biodegradation experiments show diverse results. The presence 
of surfactants may be beneficial, detrimental or ineffective for biodegradation 
(Bruheim et al., 1997). There is also a considerable divergence in reports concerning 
the effectiveness of the same surfactant. One important parameter in characterizing 
surfactants is the hydrophilic-lipophilic balance (HLB). A specific HLB value will 
describe the preference of the surfactant molecule to oil (HLB 3-6) or water (HLB 10-
18). A dispersant formulation with an overall HLB in the range 9-11 will generally 
yield the best dispersion of oil droplets in the water phase (Clayton et al., 1992). 
 
Another prerequisite for the beneficial use of a surfactant in oil bioremediation is that 
it is nontoxic to marine communities. In recent years, some surfactants that are not 
only nontoxic, but also facilitate the oil biodegradation have been reported. The most 
famous is the oleophilic fertilizer Inipol EAP 22 which can simultaneously serve as a 





that the effectiveness of Inipol in biostimulation was not obvious within the short term. 
Riis et al. (2000) reported that the group of fatty acid-acylated amino acids had the 
ability to accelerate the microbial degradation of mineral oil. Earlier, Nelson et al. 
(1996) showed that guanidinium cocoate could enhance the biodegradation of 
petroleum hydrocarbons in soil.  
 
2.3.1.4  Application of oil sorbents  
The use of oil sorbent materials is one of the most widely used physical oil remediation 
techniques as it limits the lateral spread of oil and even allows the recovery of the 
released hydrocarbons after adsorption. Hydrophobicity and oleophilicity are the 
primary characteristics of a successful sorbent, but reusability and biodegradability 
also play an important practical role.  
 
Oil sorbents can comprise inorganic mineral, as well as organic synthetic and organic 
vegetable products. To date, inadequate buoyancy retention and low oil sorption 
capacity have deterred the use of inorganic mineral products such as perlite, 
vermiculite, sorbent clay, and diatomite (Choi and Cloud, 1992). Conversely, synthetic 
products, such as polypropylene and polyurethane foams exhibit good buoyancy and 
high oil sorption properties owing to their high oleophilicity and hydrophobicity 
(Schrader, 1991). A drawback, however, is that they degrade very slowly in the 
environment and may therefore constitute another source of pollution after the oil has 
been removed. There has been considerable interest in the use of organic vegetable 
products as sorbent materials.  Some exhibit poor buoyancy and relatively low oil 
sorption capacity (straw, corn cob, and wood fibers), but some cellulose materials, 





Cloud, 1992) exhibit a sorption capacity greater than that of polypropylene. These may 
potentially be used as substitutes for non-biodegradable synthetic materials in oil spill 
cleanup.  
 
Various interesting studies have been conducted to investigate the relationships 
between microbial activity of hydrocarbon degradation and microbial adsorption onto 
granular active carbon or mineral surfaces (Omar and Rehm, 1988). In fact, the 
ubiquitous presence of solid surfaces in natural soils and sediments is known to affect 
the bioconversion of organic pollutants in the natural environment (van Loosdrecht et 
al., 1990). Setti et al. (1999) studied the microbial biodegradation of a heavy oil in 
aerobic aqueous conditions using a pure culture of a Pseudomonas sp. in the presence 
of natural (chitin, chitosan, and keratin) and synthetic sorbents (polyethylene 
terephthalate, PET, and polytetrafluoroethylene, PTFE). All three natural sorbents 
tested were capable of adsorbing large amounts of heavy oil as well as substantially 
increasing n-alkane biodegradation rate.  They also decreased the lag phase for the 
onset of biodegradation by up to 7 times. Setti et al. (1999) ascribed this time decrease 
to an improved interaction between the oil and the microorganisms derived from the 
formation of a water/cell/oil/sorbent interface. 
 
2.3.2 Ex Situ Bioremediation 
Ex situ bioremediation requires less time than in situ bioremediation, but is more 
expensive. High concentrations of contaminant can be degraded, but contaminated 
substrate requires excavation for off-site bioremediation and a larger work space for 





landfarming, biopiling, composting, and the use of bioreactors to manipulate the 
microbial microenvironment. 
 
2.3.2.1  Landfarming   
Landfarming is a popular and low-cost method for the destruction of petroleum 
products, as well as a diverse range of solid and liquid wastes. Landfarming is 
considered to be an enhanced bioremediation technique whereby the contaminated soil 
or sediment is excavated from the site and spread out in an open space on soil to be 
biodegraded by indigenous soil microbes. Regular tilling is performed to improve the 
soil texture and hence the soil permeability, uniformity, and aeration. An irrigation or 
sprayer system may be installed to apply water conditioned with nutrients and 
surfactants to increase moisture levels and to maximize microbial growth. 
 
2.3.2.2  Biopiling 
Biopiling is a modified version of landfarming that harnesses the microbial 
degradation of petroleum products. A perforated subdrain is constructed to collect 
leachate and to apply a vacuum to draw air into the biopile and stimulate the growth of 
the microbial community. A drip or spray irrigation system may also be included in the 
biopile design to optimize moisture levels and treatment efficiency. 
 
2.3.2.3  Composting 
Composting is another modified version of landfarming in which a soil amendment 
material is added to supply material that enables microbial growth and subsequent 
degradation of petroleum products. Composting is effective for removal of organic 





manure, sawdust, clippings, grass, hay, leaves, wood chips or straw. Amendment 
increases substrate permeability, improves oxygen transfer, and provides a more easily 
degradable carbon source to help establish a large microbial population that can 
degrade the contaminant faster. 
 
2.3.2.4 Bioreactor  
Significant amounts of higher molecular weight (greater than n-C12) aliphatic and 
aromatic components may remain in the sediment for several years after an oil spill 
onto a marine shoreline. Especially, the biodegradation of polycyclic aromatic 
hydrocarbons (PAHs) is limited by their low bioavailability, resulting from extremely 
low water solubility and strong adsorption onto sediments (Cho and Kim, 1997; Bardi 
et al. 2000; Lee et al., 2001; Yuan et al., 2001).  
 
In slurry bioreactors, bioremediation efficiency is increased as substrates can be 
efficiently transported to microbial cells (Woo et al., 1997). Usually, sand is separated 
from silt and clay and treated by a surfactant washing method. Treatment of sand by 
washing is effective since the concentration of contaminants much lower than that in 
silt/clay a smaller unit surface area. However, the washing method requires extra 
equipment and large amounts of water. Therefore, it would be desirable if 
contaminated substrates could be treated in one single step without removal of sand 
from other solid phases. Recently, rotating drum reactors have been used to handle 
high solids levels (Gray et al., 1994). According to their results, the addition of 
adequate amounts of water is essential for an efficient mixing of soil particles. The 
water requirement was determined to optimize the mixing efficiency of both sand and 
















Where Vw,drum = Water requirement in a drum bioreactor (L) 
Vaw,silt/clay = Water requirement for silt/clay in a drum bioreactor (L) 
Vw,sand = Water requirement for sand in a drum bioreactor (L) 
fa = Mass fraction of silt/clay particle 
fb = Mass fraction of sand particle 
a = Optimum silt/clay mass in volume of suspension phase (kg kg-1) ε
dw =Density of water (kg L-1) 
Kw = Factor for sand fluidity over saturation level 
C*wb = Water saturation level of sand (L kg-1) 
Ms = Total mass of soil particle (kg) 
 
2.4 Evaluation of Hydrocarbon Biodegradation 
 
Analytical methods for the assessment and quantification of bioremediation may be 
broadly classified into biological and non-biological methods.  
 
2.4.1 Non-Biological Methods 
 
2.4.1.1  Gravimetric method  
The oil residue is extracted from the sediments using method of Soxhlet extraction 
(USEPA method No. 3540). Extraction can also be achieved using a rotary shaker 
method or sonication (USEPA method No. 3550). The polar components are removed 





evaporated to determine the weight of the extracted oil residue (USEPA method No. 
413.3). 
 
2.4.1.2  Infrared (IR) spectroscopy  
TPH can also be determined by IR spectroscopy (USEPA 418.1). This method requires 
the extraction of the oil by solvent extraction. The TPH is quantified by comparison of 
the IR absorption against that of a defined hydrocarbon mixture. This method is not 
technically complex and allows rapid quantification. Site-specific matrix effects can 
occur and cannot be readily resolved (Troy and Jerger, 1994; Northcott and Jones 
2000).  
 
2.4.1.3  Gas chromatography (GC)  
The complex mixture of the oil residue that is extracted is separated into the different 
components while being carried through a column (stationary phase) by a mobile 
phase (inert gas). Gas chromatography allows accurate identification and 
quantification of the components of the complex mixture. This method allows sensitive 
quantification if experimental conditions are kept stable (USEPA, 1995; Hutchins and 
Wilson, 1994). 
 
2.4.1.4  Gas chromatography-flame ionization detection (GC-FID) 
 The flame ionization detector responds to ions produced by the burning of the 
compounds separated by GC in a hydrogen or air flame. The response is dependent on 
the number of ions produced by a compound. Thus, FID response factors vary with 
differing compound classes. FID response is linear over a wide range of concentrations 





be oxidizable (Prince et al., 1994; Sveum et al., 1994; Karazek and Clement, 1988). 
The method is not technically complex and allows rapid quantification. Sample-
specific matrix effects may interfere with analysis. GC methods for petroleum analysis 
include ASTM method 3328.78 (1989) and USEPA modified method 8015 (1986, 
1995). Both methods use GC-FID to measure TPH. 
 
2.4.1.5  Gas chromatography-mass spectrometry (GC-MS) 
Gas chromatography-mass spectrometry (GC-MS) is a more sophisticated but 
expensive method that allows positive identification of individual petroleum 
hydrocarbons. Compounds eluting from a GC column are identified on the basis of this 
fragmentation pattern under controlled conditions. The mass chromatograms of all ions 
detected in a sample are superimposed to give a total ion chromatogram (USEPA, 
1995). Generally, the chromatogram of a crude oil run in the SCAN mode shows an 
unresolved complex mixture (UCM) that dominates the total peak area. The UCM is 
an indicator of the degree of weathering of the oil (Wang and Fingas, 1995). 
 
2.4.1.6  Fluorescence analysis  
Identification of a compound using fluorescent analysis is achieved by recording and 
correction of excitation and emission spectra by appropriate modifications. This 
method allows oil fingerprinting to identify specific component compounds. This 
method is part of a basic and routine analytical procedure for source identification 
following oil spills in coastal waters, which includes the use of IR and GC 
measurements. However, constraints include an inability to differentiate between 





2.4.1.7  Use of petroleum biomarkers  
Petroleum biomarkers are used for the quantification of oil weathering due to 
biological and physical processes. Use of internal biomarkers allows both field and 
laboratory studies of petroleum and its products, and accounts for spatial variability of 
oil data in comparison to other mass balance approaches. By reducing in the number of 
samples required for analysis this method allows degradation monitoring in highly 
variable environments. In this mode of analysis, it is assumed that the source of 
contamination is known and there is only a single source. The biomarker should not be 
formed or degraded during the biodegradation process and the extraction efficiency of 
the biomarker is must be identical to the rest of the oil components (Douglas et al., 
1994; Prince et al., 1994; Lessard et al., 1995, Wang and Fingas, 1995). 
 
Biomarkers include acyclic isoprenoids, steroids, terpenoids and porphyrins. Such 
compounds may provide a diagenetic source of hydrocarbons, but during catagenesis 
they are progressively diluted by new hydrocarbons. A great variety of terpenoidal and 
steroidal biomarkers is found in oils, but most of the commonly occurring compounds 
are tricyclic terpanes, tetracyclic terpanes, pentacyclic (hopanoidal) terpanes, regular 
(4-desmethyl) steranes, diasteranes, monoaromatic steroids, and triaromatic steroids. 
The tricyclic terpanes occur generally in the range C20-C26, but occasionally the series 
extends to C40 or more. Major tetracyclic terpanes are usually C24-C27. Hopanes are 
commonly found in the range C29-C35, together with two C27 species called Ts and Tm. 
Major steroidal species include C27-C29 members of the regular (or 4-desmethyl) 
steranes, the rearranged steranes (or diasteranes) and the C-ring monoaromatic 
steroidal hydrocarbons. Two short-chain (C21 and C22) members of these series are also 





and, lacking the usual methyl group at the AB-rings junction, comprise C26-C28 and C20 
and C21 species. Somewhat less common are the 4-methylsteranes, which exhibit 
similar distributions to the regular steranes but with an additional carbon atom due to 
the methyl group at C-4 in the A-ring (Killops and Killops, 1993). 
 
2.4.2 Biological Methods 
 
2.4.2.1  Respirometry  
Measurement of respiratory CO2 evolution indirectly measures the disappearance of a 
substrate (ultimate degradation or mineralization). It is relatively simple, economical, 
and pollution preventing assay since no organic solvents are used. If the substrate is the 
only carbon source, the amount of CO2 evolved will be proportional to the carbons 
consumed by microorganisms from the test substrate under aerobic conditions and 
nutrient supply (N, P) (Zhang et al., 1998). Sediments containing high levels of organic 
matter are prone to errors as the enhanced biodegradation of the organic matter may 
not be accounted for in a control experiment (Huesemann and Moore, 1994). 
 
Microbial activity can also be determined by studying the mineralization of 
radiolabelled compounds such as phenanthrene and hexadecane to CO2 in 
representative beach samples (Swannell et al., 1996). Respirometry can be used to 
quantify crude oil mineralization rates through the simultaneous measurement of 
microbial CO2 production and O2 consumption, and thereby monitor the relative 
potential of different bioremediation additives and the overall success of a 
bioremediation program (Sims et al., 1990; Atlas and Bartha, 1992; Korda et al., 1997; 





2.4.2.2  Luminescence technique  
Reporter gene cassettes comprising luciferase structural genes and contaminant-
specific promoter sequences are inserted into a bacterial host such that their expression 
is induced by the hydrocarbon of interest. The bioluminescence emitted by such 
systems can be measured and used to monitor bacterial metabolic activity using the 
specific contaminant as a carbon and/or energy source. This method is highly sensitive 
and reasonably selective. Constraints of the method include quenching of 
luminescence in slurries mixtures, and some bacteria do not exhibit luminescence. The 
method also has limited application for multi-species oil-degrading microbial 
communities, and under field conditions of poorly controlled environmental 
parameters (Grigson et al., 1985; Hastings et al., 1985; Heitzer et al., 1992; 
Sanseverino et al. 1994). 
 
2.4.2.3  Dehydrogenase activity (DHA)  
Traditional cultural methods for enumeration of microorgnisms suffer large 
uncertainties from the inherent heterogeneity in distribution of the microbial 
population and adherance of viable cells to the substrate matrix (Oberbremer and 
Muller-Hurtig, 1989; Torstensson, 1997). In recent years, dehydrogenase activity 
(DHA) has been recognized as a useful indicator of the overall intensity of microbial 
metabolism as the enzymes are intracellular and are rapidly degraded following cell 
death (Rossel et al., 1997; Lee et al., 2000; Mathew and Obbard 2001). So far, DHA 
assay has been used to measure microbial activity during the biodegradation of 






Oberbremer and Muller-Hurtig (1989) used the reduction of the water-soluble 
substrate resazurin to measure DHA during hydrocarbon degradation in a model 
laboratory system. Other researchers developed methods for the determination of DHA 
in soils (Stevenson, 1959; Casida et al., 1964), using 2, 3, 5-triphenyltetrazolium 
chloride (TTC) as the terminal electron acceptor, which is reduced to 
triphenylformazan (TPF) through the catalytic activity of dehydrogenases. The 
substrate 2-p-iodophenyl-3-p-nitrophenyl-5-phenyl tetrazoliumchloride (INT) has also 
been used as an alternative substrate to TTC for the DHA assay (e.g. Curl and 
Sandberg, 1961; Griffiths, 1989; Von Mersi and Schinner, 1991). INT is less toxic to 
microorganisms, less affected by oxygen, and reduced more rapidly than TTC. The 
formazan reduction product derived from INT is more readily extractable from the 
substrate than TTF (Friedel et al., 1994). The yield of formazan is about twenty times 
higher in the case of INT compared to TTC (Rossel et al., 1997). Thus, INT reduction 
is generally considered to be more sensitive and reproducible for the measurement of 
microbial DHA. 
 
2.4.2.4  Quantification of oil degrading microorganisms 
Colony Forming Units (CFU) Enumeration of total viable oil degrading 
microorganisms can be undertaken by plating the microorganism on Marine Agar 
(DIFCO) and counting the colonies after incubation (Mathew et al., 1999).  
 
Most-probable-number (MPN) Microorganisms with specific metabolic 
capabilities, such as oil degradation, can be enumerated based on their ability to grow 
on selective media. The most-probable-number (MPN) procedure is particularly well 





a homogenous distribution of the appropriate carbon source, can be difficult to prepare. 
Also, many agar-based solid media contain impurities that allow growth of organisms 
that cannot degrade the target substrate, leading to overestimation of the size of the 
population of interest (Haines et al., 1996). 
 
Crude oil, or refined petroleum products, are usually used as the selective growth 
substrates when hydrocarbon degraders are enumerated by MPN. A radiorespirometric 
MPN method, in which positive dilutions are scored by evolution of 14CO2 from 
radiolabelled substrates, was developed to overcome these deficiencies (Roubal and 
Atlas, 1979). Simpler methods that retain the sensitivity of the radiorespirometric 
procedure, such as reduction of resazurin and emulsification of crude oil have been 
used (Brown and Braddock, 1990). Haines et al. (1996) developed a simple 96-well 
microtiter plate-based MPN procedure that can be used to enumeration hydrocarbon 






CHAPTER 3  
GENERAL MATERIALS AND METHODS 
 
3.1 Beach Sediments Used for Experimental Studies 
 
The uncontaminated beach sediment (2 to 10 cm depth) used for laboratory work was 
collected from Pulau Semakau, a small island located 8 km to the south of Singapore 
main island (Figure D, Appendix D). Prior to start of the experiment, the physical, 
chemical, and biological properties of the clean sediments were determined. 
 
3.2 Preparation of Oil-contaminated Sediments 
 
The clean sediment was transported from Pulau Semakau to the laboratory and spiked 
with an Arabian light crude oil (ALCO) to achieve a total petroleum hydrocarbon 
content of between 30 and 50 g oil kg-1 sediment (dry weight equivalent). The 
sediment was then weathered for 1 to 3 weeks in darkness at ambient temperature (i.e., 
23 to 34 °C) with daily mixing to maintain an aerobic condition. After weathering, the 
oil content of the spiked sediment decreased to a level between 20 and 40 g oil kg-1 
sediment (dry weight equivalent).  The sediment was then used to establish a range of 
bioremediation treatments. Following treatment, 4 to 5kg oil-spiked sediment (dry 
weight equivalent) was placed in irrigated microcosms, in duplicate. 
 
 38
General Materials and Methods 
 
 
3.3 Wet Laboratory System 
 
A laboratory experimental set-up was designed as an ‘open’ irrigation system for 
testing the potential of bioremediation additives in oil-spiked sediments, where 
sediments were free-draining following irrigation with re-constituted seawater to 
simulate a natural tidal cycle. Re-constituted seawater comprised dissolved natural sea 
salts in sterile deionised water at a density of 1.023 kg L-1, i.e., the density if natural 
sea water in Singapore. Each microcosm had a slope of 10 degree to permit drainage of 
sediment pore water and comprised a seawater spray outlet and flow meter connected 
to an electric water pump and timer. A schematic representation of the irrigation 















Figure 3.1 Schematic diagram of sediment irrigation system. 
 
The flow rate, the time and the interval of water spraying was controlled automatically 





saturated with seawater upon irrigation and was then held in sediments for one hour, 
before being left to drain under gravity prior to the next wetting episode. The residence 
time was selected for practical reasons and to simulate a period of sediment inundation 
with seawater in the field environment. The apparatus was placed in the outdoor 
environment, but sheltered from rainfall. The sediments in microcosms were tilled 
daily throughout the experiment to ensure an aerobic condition. Experimental duration 
was dependent on the particular experiment being conducted (see subsequent chapters 




Arabian crude oil was supplied by ExxonMobil, Singapore. Crude palm oil (CPO) was 
purchased from a palm oil mill in Malaysia and had a carbon, hydrogen, nitrogen 
content of 79.2%, 12.6% and 0.92%, respectively. The natural marine salts used for the 
preparation of seawater in the laboratory was purchased from Thai Refined Salt Co. 
Ltd, Thailand. OsmocoteTM (slow release fertilizer) 18-11-10 consists of 18% w/w 
nitrogen (7.5% nitrate-N; 10.5% ammonia-N), 4.8% w/w P2O5-P (water soluble), 8.3% 
w/w K2O-K (water soluble) and a resin coating (Scotts Company, United Kingdom). 
Inipol EAP-22 (Elf-Aquitaine, France) comprises 26.2% oleic acid, 23.7% lauryl 
phosphate, 10.8% 2-butoxy-1-ethanol, 15.7% urea, and 23.6% water.   
 
All of the following chemicals were of analytical grade, unless otherwise stated. 
Chemicals used in this study and their corresponding suppliers are summarized as: 
acetone, alcohol, and hexane (Tedia); dichloromethane (EM Science); 
dimethylformamide (DMF), and 2-p-iodophenyl-3-p-nitrophenyl-5-phenyl 
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tetrazoliumchloride (Aldrich); chitin, chitosan, and iodonitrotetrazolium formazan 
(Sigma); methanol (Fisher); Tris-hydroxymethyl- methylamine (Ajax Laboratory 
Chemicals); 3-ring PAHs (i.e., phenanthrene, dibenzothiophene, and fluorene), 4-ring 
PAHs (i.e., fluoranthene, pyrene, benzo(a)anthracene, and chrysene), 5-ring PAHs (i.e., 
benzo(a)pyrene, and dibenzoanthracene), and 6-ring PAHs (i.e., benzo(ghi)perylene) 
were purchased from Aldrich; NH4NO3, K2HPO4, KH2PO4, and Na2PO4 (Merck). C30-




The microorganisms used for experimentation comprised the indigenous microbial 
biomass in beach sediments on the shoreline of Pulau Semakau, Singapore. 
 
3.6 Oil Extraction Methods 
 
3.6.1 Soxhlet Extraction Method 
Sediment samples were dried overnight at 60°C (Korda et al., 1997) and 5 g of 
sediment was then extracted with a 165 mL hexane-acetone (1:1) mixture using 
Soxhlet-extraction system for 3 h.  
 
3.6.2   Microwave Extraction Method 
Each (5 g, wet weight) was placed into a microwave container and 5 g silica gel grade 
923 (Aldrich Chemical Co.) was added. The microwave extraction procedure was as 
follows:  





(2) add 5 g silica gel grade 923 (Aldrich Chemical Co.) into the vessel;  
(3) add 30 mL of hexane-acetone (1:1, v/v) mixture into the vessel;  
(4) extract with 70% input power at 150oC for 30 min using Milestone 1200 Mega 
Solvent Extraction System;  
(5) cool down to room temperature;  
(6) filter the extract through Whatman® autovials (0.45 µm); and 
(7) collect the filtrate in small vials for GC-MS analysis. 
 
3.7 Pore Water Extraction 
 
Interstitial pore water was extracted from the sediment sub-samples (50 g dwt) using 
250 mL of deionized water on a rotary shaker (150 rpm) for 90 min at 25°C. Any 
Osmocote pellets present in the sediment were removed from the treated samples 
before the extraction of the sediment pore water. The extracted solutions were then 
filtered through grease-free glass microfibre filter discs (Whatman®).  
 
3.8 Assay Methods 
 
3.8.1 Sediment Characterization 
Sediment characterization was achieved using the following parameters and methods: 
(i) Sediment particle size: determined using a series of sieves based on the 
standard method ASTM Designation: D422-63. 
(ii) Sediment pH: measured according to the standard method ASTM 
Designation: D4972-95a by using a pH meter (Orion, 420 A). 
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(iii) Sediment moisture and organic matter: determined by using oven drying 
according to the standard method ASTM Designation: D2974-87. 
(iv) Sediment total organic carbons (TOC): quantified using a LabTOC 2100 
(Zellweger, USA) at a combustion temperature of 680oC. 
 
3.8.2 Element Analysis 
The CHN composition of Arabian light crude oil and crude palm oil (CPO) was 
measured using a Perkin ElmerTM Series 2400 II CHNS/O analyzer. 
 
3.8.3  Quantification of Total Recoverable Petroleum Hydrocarbons (TRPH) 
The extract obtained from sediment using Soxhlet or microwave extraction was cooled 
and filtered through grease-free glass microfibre filter discs (Whatman®) into a tared 
flask (USEPA methods 413.3 and 418.8, Eaton et al., 1995). The filtrate was then 
rotary evaporated (Eyela®) for solvent removal at 68.8 °C i.e. the boiling point of 
hexane. The flask, with residue, was then dried and cooled in dessicator for twelve 
hours prior to weighing. All analyses were performed in triplicate. TRPH was 





−=  (3.1) 
 
3.8.4 Measurement of Oil Sorbent Performance 
 (Setti et al., 1999). 300 mg of dry sorbent (chitin or chitosan) was added to 15 mL of 
the phosphate buffer (pH 7) in a 100 mL flask.  Following the addition of the dry 
sorbent, the mixture was shaken on a reciprocal shaker at a speed of 150 rpm.  The 
moment the content of the flask was shaken, 25 µL of Arabian light crude oil (ALCO) 
was added to the flask.  The content of the flask was then allowed to shake for 1 h to 





repeated using a smaller volume of ALCO until an oil film was observed on the free 
water surface at the end of the shake period. The test was performed in triplicate and 
the results obtained were averaged to reduce any random error. Oil adsorbancy of the 
sorbent was then determined by taking the ratio of oil adsorbed (Oa) to dry adsorbent 
weight (So) as follows: 
0S
OadsorbancyOil a=          (3.2) 
 
3.8.5 Nutrient Analysis 
The extracted pore water or leachate from sediments was analyzed on a HACH 
DR2000 direct reading spectrophotometer using HACH proprietary reagents. 
Ammonia (NH3–N) was determined using the Nessler method (Hach Company, 1995a), 
nitrate (NO3-–N) by the cadmium reduction method (Hach Company, 1995d) and 
phosphate (PO43-–P) by the PhosVer 3 (ascorbic acid) method (Hach Company, 1995b). 
Nutrient concentrations were expressed in mg L-1 of sediment pore water. 
 
3.8.6 Dehydrogenase Activity (DHA) Analysis 
Metabolic activity of the microbial biomass was determined by measurement of 
dehydrogenase activity using the method optimized by Mathew and Obbard (2001). 
2.5 mL deionised water and 1mL 0.75% freshly prepared INT solution (pH 7.9) was 
added into 5 g (dry weight equivalent) of moist sediment. This sample was incubated 
in the dark at 27°C for 22 h, and the metabolic product, INT-formazan (INTF) was 
extracted from sediments by the addition of 25 ml methanol. The extract was then 
filtered through Whatman® autovials and measured for absorbance at λmax= 428 nm on 
a Perkin Elmer UV-vis Spectrometer Lambda 20. The spectrophotometer was 
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calibrated with INTF standards prepared in methanol. Dehydrogenase activity was 
expressed as gram INTF formed per kilogram dry weight of sediment per hour. 
 
3.8.7 Most-Probable-Number (MPN) Test of Hydrocarbon Degrading Bacteria 
Hydrocarbon degrading microorganisms were enumerated based on a modification of 
Brown and Braddock’s method (1990). Ten mL of 0.01 M phosphate buffer (pH 7.9) 
was added to 1 g of sediment sample in a sterile conical flask. The mixture was then 
shaken for 30 minutes on a reciprocal shaker at 200 rpm. Serial dilutions up to 10-6 in 
phosphate buffer were then prepared. Two mL aliquots of each dilution (10-3 to 10-6) 
were then added to separate wells of a 24-well tissue culture plate. Each well 
containing the aliquot was covered with 5 µL of filter-sterilized (filter size, 0.45 µm) 
ALCO. The plates were then incubated at 30°C with a rotation speed of 120 rpm for 21 
d. Wells were scored as positive when oil emulsification was clearly indicated by 
disruption of the oil sheen after incubation. The most probable number (MPN) of 
petroleum hydrocarbon degrading microorganisms was determined using a standard 
MPN table (Cochran, 1956) and expressed the number of cells per kilogram dry-
weight equivalent of sediment. 
 
3.8.8 Respirometry 
Respirometry assays were used to quantify crude oil mineralization through the 
measurement of microbial respiration rates (i.e., rates of CO2 production and O2 
consumption) using a microbial respirometer (Columbus Instruments Micro-Oxymax 
version 6.08). Approximately 50 g of each sediment sample (dry weight equivalent) 
was placed into 1 L airtight chambers which were then placed into a 30oC water bath 





using the oxygen and carbon dioxide sensors of the respirometer over a 24 h period. 
The volumetric O2 consumption and CO2 production rate obtained was calculated and 
expressed as µL per  kilogram dry sediments per min. 
 
3.8.9 Gas Chromatograhpy-Mass Spectrometry (GC-MS) 
A Hewlett-Packard (HP) 6890 gas chromatograph equipped with a HP 6890 Mass 
Selective Detector (MSD) and an HP6890 auto-sampler was used for analysis of 
straight (i.e., C10-C33) and branched alkanes (i.e. pristane and phytane), PAHs (i.e., 2- 
to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring PAHs), as well as 
the conservative biomarker, C30-17α(H), 21β(H)-hopane. Samples were prepared by 
dissolving the residues obtained for TRPH measurement in 100 mL of solvent (i.e. 1:1, 
v/v, hexane:acetone mixture). An HP 19091S-433, HP-5MS 5% phenyl methyl 
siloxane 30.0-m-long × 250-µm-i.d. (0.25-µm film) capillary column was used for 
hydrocarbon separation, with helium as the carrier gas at a flow rate of 1.6 mL min-1. 
The injector and detector temperatures were set at 290°C and 300°C, respectively. The 
temperature program for aliphatics was set as follows: 2-min hold at 50 °C; ramp to 
105 °C at 8 °C min-1; ramp to 285 °C at 5 °C min-1, and 3-min hold at 285 °C. The 
temperature program for C30-17α(H), 21β(H)-hopane was set as follows: 2-min hold at 
50 °C; ramp to 105 °C at 8 °C min-1; ramp to 300 °C at 5 °C min-1, and 5-min hold at 
300 °C; The temperature program for target PAHs was: 1-min hold at 90 °C; ramp to 
160 °C at 25 °C min-1; ramp to 290 °C at 8 °C min-1, and 15-min hold at 290 °C. The 
temperature program for the alkyl homologues of PAHs was: 2-min hold at 50 °C; 
ramp to 300 °C at 6 °C min-1; and 16-min hold at 300 °C. One µl aliquot of solvent 
was injected into the GC-MS using a splitless mode with a 6-min purge-off. The MSD 
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Table 3.1 Two- and three-ring target PAHs as well as the ion used for 
monitoring. C1-C4, alkyl homologues of PAHs.  
 
Target ions, m/z Ring 
number Compounds (C0) (C1) (C2) (C3) (C4) 
2 Naphthalene  128 142 156 170 184 
Phenanthrene 178 192 206 220 234 
Dibenzothiophene 184 184 198 212 226 
3 
Fluorene 166 180 194 208 222 
       
was operated in the scan mode to obtain spectral data for identification of hydrocarbon 
components, and in the selected ion monitoring (SIM) mode for quantification of target 
compounds. Ions monitored included: alkanes at m/z of 71 and 85; pristane at m/z of 
97 and 268; phytane at m/z of 97 and 282; and hopanes at m/z of 191, 177, 412 and 
397 (Wang et al. 1994). All data were normalized with respect to the biomarker, C30-
17α(H), 21β(H)-hopane. The PAHs monitored were: 2-ring PAHs (i.e., naphthalene 
and its C1 to C4 alkyl homologues); 3-ring PAHs (i.e., phenanthrene, 
dibenzothiophene, fluorene, and their C1 to C4 alkyl homologues); 4-ring PAHs (i.e., 
fluoranthene, benzacenaphthylene, pyrene, benzo(a)anthracene, chrysene, 
triphenylene, naphthacene); 5-ring PAHs (i.e., benzo(ghi)fluoranthene, 
cyclopenta(cd)pyrene, benzofluoranthene, benzo(a)pyrene, benzo(e)pyrene, perylene, 
dibenzoanthracene, benzo(b)chrysene); 6-ring PAHs (i.e., indeno(123-cd)pyrene, 
benzo(ghi)perylene, antanthrene). Ions monitored for PAH analysis are summarized in 










number Compounds Target ions, m/z 
Fluoranthene 202 200 101 
Benzacenaphthylene 202 - - 
Pyrene 202 200 101 
Benzo(a)anthracene 228 229 226 
Chrysene 228 226 229 
Triphenylene 228 226 229 
4 
Naphthacene  228 229 226 
Benzo(ghi)fluoranthene 226 224 113 
Cyclopenta(cd)pyrene 226 113 112 
Benzofluoranthene 252 253 250 
Benzo(a)pyrene 252 253 250 
Benzo(e)pyrene 252 250 253 
Perylene 252 253 250 
Dibenzoanthracene 278 279 139 
5 
Benzo(b)chrysene 278 276 279 
Indeno(123-cd)pyrene 276 277 138 
Benzo(ghi)perylene 276 277 138 
6 
Antanthrene 276 277 91 
  
3.9 Statistical Analysis 
 
3.9.1 Analysis of Variance (ANOVA) 
One-way analysis of variance (ANOVA) test was used to determine the statistical 
significance of nutrient concentrations in sediment pore water extracts, DHA values, 
TRPH, and the concentration of various petroleum hydrocarbons in oil-spiked control 
and Osmocote treated sediments over time. Differences in petroleum hydrocarbon 
concentrations normalized by hopane between treatments were determined by multiple 
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comparisons using Tukey’s procedure at a family error rate of 5% (Walpole et al. 
2002). Data were considered to be significantly different between two values if p < 
0.05.  All statistical analyses were performed using MINITAB® Release 13.2.  
 
 3.9.2 First-order Biodegradation Kinetics 
Venosa et al. (1996 and 1997) proposed a first-order hopane-normalized model for oil 















                  (3.3) 
Where C is the concentration of analyte, CH is the concentration of hopane, k is the 
first-order biodegradation rate constant for the analyte, (C/CH) is the time-varying 
hopane normalized concentration of the analyte, and (C/CH)0 is the theoretical value of 
that quantity at the onset of biodegradation.  
Simplifying Equation 3.3 gives the following relationship: 















Nonlinear regression analysis was used to estimate the first order rates (k), the 
coefficients of determination (r2), and the y-intercepts (y0) of the biodegradation of oil 
components for each sediment treatment. Equation 3.4 was used to determine how well 






CHAPTER 4  
EFFECTS OF A SIMPLE CARBON SOURCE, SOLUBLE 
NUTRIENTS AND AN ENHANCED MICROBIAL INOCULUM ON 





Acceleration of the natural biodegradation process by the indigenous microbial 
biomass may be achieved by biostimulation and/or bioaugmentation. Biostimulation 
includes the addition of simple-carbon sources to oil-contaminated sediments, as well 
as inorganic nutrients, can accelerate biodegradation rates via co-metabolism, biomass 
nutrient turnover and enhanced hydrocarbon availability (Sveum et al., 1994; Nelson et 
al., 1996; Walter et al., 1997). Bioaugmentation, involving the direct application of 
metabolically enhanced microorganisms derived from the contaminated site (Korda et 
al., 1997; Santas et al., 1999) or adding extraneous, non-indigenous microorganisms 
(Mearns, 1997; Swannell et al., 1997; Lee and Merlin, 1999), is also regarded as an 
effective bioremediation strategy. For background details, see Section 2.3.1.1 and 
2.3.1.2 in Chapter 2. 
 
This experiment was conducted following an earlier study that successfully established 
the ability of a nutrient-stimulated indigenous microbial biomass to degrade oil in 
beach sediments in Singapore (Mathew et al., 1999). The prospect of also using 
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additional additives to enhance hydrocarbon biodegradation was investigated. This 
entailed the use of vegetable crude palm oil (CPO) as a simple carbon source in 
conjunction with inorganic nutrients, as well as an enhanced inoculum of indigenous 
microbial biomass under controlled laboratory conditions. CPO is rich in fatty acids, 
typically containing an average of 41-47 % palmitic acid, 3-6 % stearic acid, and 37-
44% oleic acid (Tan and Oh, 1981) and is widely available in South East Asia. CPO, in 
addition to inorganic nutrients, was used either directly in oil-contaminated sediments, 
or to enhance the activity and size of the microbial biomass prior to inoculation into 
sediments.   
 
4.2 Materials and Methods 
 
4.2.1 Experimental Setup 
The clean sediment that was collected from Pulau Semakau contained 80.1% sand, 
19.2% silt, 0.7% clay, and 0.17mg organic C g-1 dry sediment. Its pore water contained 
0.03ppm N and 0.002 ppm P and was at pH 7.6. Sediment was transported to the 
laboratory and then spiked with an Arabian light crude oil (ALCO) to reach a total 
petroleum hydrocarbon content of 4.22% (dwt). This contaminated sediment was then 
weathered for two weeks in darkness at ambient temperature (i.e., 23 to 34 °C) with 
daily mixing to maintain an aerobic condition. After weathering, the oil content of the 
contaminated sediment decreased to a level of 3.44%. The sediment was then used to 
establish a range of sediment treatments, as specified in Table 4.1. 
 
Contaminated sediments treated with CPO received 0.5% CPO (dry weight equivalent) 





oil mill in Malaysia and had a carbon, hydrogen, nitrogen content of 79.2%, 12.6% and 
0.92%, respectively. Contaminated sediments treated with inorganic nutrients received 
a solution of NH4NO3, KH2PO4 and K2HPO4, with a C:N:P ratio of 100:10:1 at the 
start of the experiment, and subsequently every five days. Enhanced biomass inoculum 
was prepared by mixing 3 kg (dwt) of original sediment with 0.5% CPO, 1% ALCO 
and a nutrient solution (as above) to achieve a C:N:P ratio of 100:10:1. This sediment 
was then mixed on a daily basis for 20 d and tested every few days for microbial 
dehydrogenase activity and the most probable number (MPN) of hydrocarbon 
degrading bacteria (see below). Sediment containing the enhanced biomass was used 
to inoculate the contaminated sediment at a ratio of 1: 9 parts sediment respectively 
(dwt). 
 
Table 4.1 Bioremediation treatments for oil-contaminated beach sediments. 
Abbreviations used in manuscript text to refer to relevant treatment. CPO, 
crude palm oil; Nutr, nutrients. Inoc, inoculum. 
 
Sample Treatment 
C  Sediment + oil 
Inoc Sediment + oil + inoculum 
SCPO Sediment + oil + CPO 
Nutr Sediment + oil + nutrients 
CPO+Nutr Sediment + oil + CPO + nutrients 
Inoc+Nutr Sediment + oil + inoculum + nutrients 
Inoc+CPO+Nutr Sediment + oil + inoculum + CPO + nutrients 
 
 
After treatment, 2 kg (dry weight equivalent) of oil-contaminated sediment for each 
treatment was placed in irrigated Wet Lab microcosms in duplicate. Refer to Section 
3.3 in Chapter 3 for the details on the set-up and operation of the Wet Lab.  
Experimental duration was 30 days and sediments were sampled for chemical and 
biological analysis just prior to irrigation on days 0, 2, 5, 10, 20 and 30 of the 
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experiment. For each duplicate microcosm, samples were taken from three separate 
points and then homogenized to form a compound sample for each duplicate.  
 
4.2.2 Biological Analysis 
Metabolic activity of the microbial biomass was determined by measurement of 
dehydrogenase activity using the method optimized by Mathew and Obbard (2001). 
Refer to Section 3.8.6 in Chapter 3. Hydrocarbon degrading microorganisms were 
enumerated based on a modification of Brown and Braddock’s method (1990). Refer 
to Section 3.8.7 in Chapter 3. 
 
4.2.3 Chemical Analysis 
Loss of oil from sediments was measured by gravimetric measurement of total 
recoverable petroleum hydrocarbons (TRPH), and gas chromatography–mass 
spectrometry (GC-MS) analysis of straight- (C12-C33), and branched-chain alkanes i.e. 
pristane and phytane. The latter have been used as conservative biomarkers in oil 
bioremediation studies, but their recalcitrance has been questioned due to their own 
susceptibility to biodegradation (Prince et al., 1994). Therefore, the more stable 
polycyclic alkane C30-17α(H), 21β(H)-hopane  (Figure 4.1) was also used as a 
conservative biomarker.  This alkane is insoluble in water and extremely resistant to 
biodegradation (Venosa et al., 1997, Swannell et al., 1997).  It has been used 
successfully to provide valuable quantitative information on the extent of oil 
degradation in highly variable environments (Butler et al., 1991; Venosa et al., 1997). 
 
The methods for measurement of the CHN composition of CPO and TRPH were 





petroleum hydrocarbons (i.e., n-alkanes with carbon number from 12 to 33, two 
branched alkanes, pristane and phytane, and the conservative biomarker C30-17α(H), 











Figure 4.1 Structure of C30-17α(H), 21β(H)-hopane. 
 
4.2.4 Statistical Analysis 
Tukey’s one-way analysis of variance (ANOVA) test at a family error rate of 5% was 
used to determine the statistical significance of DHA values of each treatment over 
time. Any difference in DHA, TRPH loss, or aliphatics loss between treatments was 
determined by multiple comparisons with Tukey’s procedure. Data were considered to 
be significantly different between two values if p < 0.05.  Refer to Section 3.9.1 in 
Chapter 3. 
 
4.3 Results and Discussion 
 
4.3.1 Biomass Inoculum  
The MPN of oil-degrading bacteria in the sediment increased by three orders of 
magnitude after three days (Figure 4.2), and then remained relatively stable between 
1.58×104 and 3.16×104 cells· kg-1 dry sediment over the following 17 d of the inoculum 
preparation period. Dehydrogenase activity increased from less than 2 to 
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approximately 11 mg INTF⋅kg-1dry sediment⋅h-1 after three days, and then remained 




































































Figure 4.3 Dehydrogenase activity of indigenous microbial biomass in sediment 
inoculum. 
 
Based on the dehydrogenase results alone, the enhanced microbial biomass was 





results were only obtained retrospectively after a 21-d lag period – see method section 
3.8.7 in Chapter 3). However, this period could, theoretically, have been reduced to 3-4 
d i.e. when both maximal MPN and dehydrogenase activity was achieved. 
 
4.3.2 Dehydrogenase Activity 
The addition of inoculum slightly increased the initial dehydrogenase activity of 
microbial biomass in sediments of Inoc, Inoc+Nutr and Inoc+CPO+Nutr. 
Dehydrogenase activity in the oil-spiked control sediment was the least amongst all 
samples, and remained relatively stable at between 1-2 mg INTF⋅kg-1dry sediment⋅h-1 
over the 30-d experimental period (Figure 4.4). Dehydrogenase activity in Inoc 
sediment was maintained at a level significantly higher than the control (p=0.003). The 
application of 0.5% CPO alone to oil-spiked sediment (SCPO) increased 
dehydrogenase activity only marginally relative to the control (Figure 4.4, p=0.047). 
Addition of inorganic nutrients alone to oil-spiked sediment (Nutr) resulted in a 
significant (p≈0) increase of dehydrogenase activity to approximately 17 mg INTF   
kg-1dry sediment⋅h-1 after 10 d, followed by a gradual decline over the remaining 
period to approximately 8 mg INTF⋅kg-1dry sediment⋅h-1 on day 30. This pattern was 
repeated for Inoc+Nutr, in which inoculum was also included in the nutrient amended 
oil-spiked sediment and the dehydrogenase activity was not significantly different 
(p=0.766) to Nutr. In contrast, the addition of both CPO and inorganic nutrients to oil-
spiked sediment (CPO+Nutr) resulted in a rapid increase in dehydrogenase activity to 
approximately 11 mg INTF⋅kg-1dry sediment⋅h-1 on Day 5, followed by a sustained 
increase in activity to 18 mg INTF⋅kg-1dry sediment⋅h-1 on Day 30. This pattern was 
repeated for Inoc+CPO+Nutr, which was identical (p=0.851) to CPO+Nutr, except that 
inoculum was also included.  
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Figure 4.4 Dehydrogenase activity of microbial biomass in oil-spiked control and 
treated sediments. 
 
Overall, it appears that the addition of inoculum, CPO, or nutrients separately was not 
sufficient to generate a high and/or sustained level of metabolic activity of the biomass 
over the 30-d experimental period, but addition of all three to oil-spiked sediments 
resulted in a sustained increase in metabolic activity of the indigenous microbial 
biomass.  
 
4.3.3 Loss of Total Recoverable Petroleum Hydrocarbons 
The application of CPO resulted in an initial elevation of TRPH values in sediments of 

































Figure 4.5 TRPH in oil-spiked control and treated sediments. 
 
TRPH in all sediments reduced rapidly by Day 10 and levels in sediments amended 
with CPO were comparable to those in the other sediments at between 28 and 31 g 
oil⋅kg-1 dry sediment. Subsequently, the TRPH loss in the oil-spiked control sediment 
and that treated with CPO alone (SCPO), reduced and stabilized at approximately 
26.1–27.0 g oil⋅kg-1 dry sediment between Day 20 and 30. Similarly, TRPH in 
sediment treated with inoculum alone (Inoc) stabilized at 25.4-25.7 g oil⋅kg-1 dry 
sediment between Day 20 and 30. In contrast, TRPH in sediments that received 
nutrient amendment (i.e., Nutr, CPO+Nutr, Inoc+Nutr, and Inoc+CPO+Nutr) 
continued to decline up to Day 30, where the greatest loss occurred in Inoc+Nutr to 
reach 20.7 g oil⋅kg-1 dry sediment. This represents an overall TRPH loss of 40% of the 
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initial value, compared to a TRPH loss of 24% in the oil-spiked control sediment over 
the 30-d period. However, based on the TRPH results alone, it is not possible to 
determine any beneficial or significant effect of CPO or inoculum on TRPH loss 
compared to nutrient addition alone. As TRPH measurements were based on a 
gravimetric method, data could not provide definitive information on whether the 
observed TRPH differences between sediments were a result of carbon loss from the 
CPO and/or hydrocarbons from the ALCO.  
 
4.3.4 GC-MS Analysis of n-Alkanes 
TRPH measurement was based on a gravimetric method, which suffers from inherent 
variability (Butler et al., 1991). Oil residues remaining in the sediment and those 
leaching out may contain metabolic daughter products, particularly from aromatic 
compounds. Therefore, based on TRPH data alone, it was possible only to determine 
the quantity of total organics remaining in the sediments, and the extent of petroleum 
hydrocarbon biodegradation. In contrast to TRPH gravimetric measurements, GC-MS 
analysis permits measurement of the composition and concentration of specific 
hydrocarbons (i.e. straight- and branched-chain alkanes) as a function of intrinsic 
biodegradation in the oil-spiked sediments. The biomarker, hopane, which is extremely 
resistant to biodegradation, was used as an internal reference to quantify the depletion 
of the individual oil components. The ratio of aliphatics to hopane concentration 
decrease when aliphatics are biodegraded. This is not the case if aliphatic loss is due to 
leaching or other physical processes, as the hopane would also be lost from sediment. 
By combining TRPH measurements with quantitative GC-MS analysis using the 
hopane biomarker, it was therefore possible to distinguish oil biodegradation from 





contains, C30-17α(H), 21β(H)-hopane, which was used as the biomarker in monitoring 
oil biodegradation (Figure 4.6 a-c). Therefore, all the concentrations of oil components 
quantified by GC-MS were normalized to this hopane in order to differentiate oil 
removal by biodegradation from any other loss processes. 
 
 
Figure 4.6 GC-MS data of the biomarker, C30-17α(H), 21β(H)-hopane, in commercial 
standard (a) and oil residue (b). The mass spectrum of C30-17α(H), 21β(H)-
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Figure 4.7 n-Alkane/hopane ratios in oil-spiked sediment treatments. (a) C; (b) Inoc; 
(c) SCPO; (d) Nutr; (e) CPO+Nutr; (f) Inoc+Nutr; (g) Inoc+CPO+Nutr. 
 
Straight-chain alkanes with a carbon number of 12 and below could not be detected at  
day 0 due to the initial weathering of oil-spiked sediment prior to start of the 
experiment (Figure 4.7 a – g). There was a negligible change in the composition of n-
alkanes (C12-C33) in the oil-spiked control, Inoc, and SCPO sediments between day 10 
and day 30 (Figure 4.7 a-c). This indicates that degradation of n-alkanes (C12-C33) in 
oil-spiked sediments for the unamended control, and in the presence of inoculum and 





microbial biodegradation after Day 10 is reflected in the low levels of dehydrogenase 
activity (Figure 4.4) for these three sediment treatments. 
 
Total losses of n-alkanes (C12-C33) after thirty days, expressed as a percentage of the 
initial value (i.e. Day 0), are given in Figure 4.8.  Total loss of n-alkanes (C12-C33) was 
less than 30% in the oil-spiked control sediment, and only 20% in the sediment treated 
with CPO.  That means the presence of CPO alone significantly (p=0.048) suppressed 
the loss of total n-alkanes (C12-C33). However, this was not the case for the other five 
sediments amended with inoculum and/or nutrients (i.e., Inoc, Nutr, CPO+Nutr, 
Inoc+Nutr and Inoc+CPO+Nutr). Comparing similar treatments (i.e., Nutr with 
CPO+Nutr, and Inoc+Nutr with Inoc+CPO+Nutr), where the only difference was the 
presence of CPO, it was found there was no significant difference (p=0.205) in the 
total loss of n-alkanes (C12-C33) between the Nutr and CPO+Nutr sediment treatments, 
but the losses were significantly higher (p=0.027) in Inoc+CPO+Nutr than Inoc+Nutr 
at Day 30.  This means that CPO can ehance the biodegradation of n-alkanes (C12-C33) 
only under the condition that both nutrients and inoculum are present. In comparable 
treatments, with and without inoculum (i.e., Inoc and control; Inco+Nutr and Nutr; and 
Inoc+CPO+Nutr and CPO+Nutr), loss of total n-alkanes (C12-C33) in Inoc treated 
sediments was not significantly different from control (p=0.309), but those in 
Inoc+Nutr, and Inoc+CPO+Nutr sediments were significantly higher (p<0.05) than 
Nutr, and CPO+Nutr sediments, respectively. So, inoculum was effective in reducing 
total n-alkane concentrations in the presence of nutrients, or the combinations of 
nutrient and CPO. 
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Figure 4.8 Total loss of n-alkanes (C13-C33) in 30 days for oil-spiked control and 
treated sediments. 
 
Overall, the addition of CPO alone (SCPO) did not greatly stimulate the metabolic 
activity of the indigenous biomass, and even delayed the on-set of biodegradation of n-
alkanes (C12-C33). Inoculum alone enhanced the dehydrogenase activity of the 
microbial biomass, but this was not enough to significantly stimulate the n-alkanes’ 
biodegradation. In contrast, the degradation of n-alkanes (C12-C33) in the other four 
treatments, where inorganic nutrients and/or inoculum were present, was pronounced 
compared to the oil-spiked control. The most effecive sediment treatment on depletion 
of n-alkanes (C12-C33) was Inoc+CPO+Nutr. In addition, most n-alkanes were highly 
depleted in treatments Nutr to Inoc+CPO+Nutr by Day 30 (Figure 4.7 d to g).   
 
4.3.5 Biodegradation of Pristane and Phytane 
The ratio of pristane:hopane and phytane:hopane in all microcosms decreased during 
the experiment. This confirms the earlier work of Prince et al. (1994) that hopane is 





reliable biomarker for use in biodegradation experiments – even under the high 


































































































































Figure 4.9 Loss of pristane and phytane in the oil-contaminated sediment with 
different treatments on day 10, and 30. 
 
At the end of the experiment, the losses of pristane and phytane remaining in the oil-
spiked control sediment were 31.8% and 28.3% of the initial concentrations, 
respectively, and those in Inoc treated sediment were not significantly different from 
the control (p>0.05). In contrast, the loss of these two branched-chain alkanes in 
treatments Nutr, CPO+Nutr, Inoc+Nutr, and Inoc+CPO+Nutr were significantly higher 
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than in the control, Inoc and SCPO (p<0.05) treated sediments at the end of the 
experiment. As for straight-chain alkanes, the presence of CPO alone suppressed the 
biodegradation of pristane and phytane in SCPO) compared to the control on day 30 
(Figure 4.9 a and b). On day 30, there was no significant difference between the loss of 
pristane in Inoc+Nutr and Inoc+CPO+Nutr, as well as, between the loss of phytane in 
Nutr and CPO+Nutr (p>0.05, Figure 4.9 a and b). At the end of the experiment, the 
combination of inorganic nutrients, CPO and inoculum resulted in the greatest loss of 
branched alkanes (i.e. pristane and phytane), in excess of 70%. Overall, the 
degradation of pristane was more notable in oil-spiked sediment than phytane (p<0.05, 
Figure 4.9 a and b), most likely due to phytane’s longer carbon chain length, and hence 
recalcitrance. 
 
4.4 Concluding Remarks 
 
Application of the simple CPO carbon source alone (SCPO) appeared to limit, or at 
least delay TRPH loss and alkane biodegradation by the indigenous biomass in the 
absence of the nutrients. The introduction of the enhanced biomass inoculum increased 
biodegradation, especially in the presence of nutrients. The addition of inorganic 
nutrients alone was sufficient to enhance the dehydrogenase activity of the indigenous 
microbial biomass. Indeed, the presence of inorganic nutrients was the most beneficial 
factor in enhancing the biodegradation of petroleum hydrocarbons relative to enhanced 
biomass inoculum and CPO. However, the presence of 0.5% CPO as a co-substrate in 
the presence of inorganic nutrients further enhanced the dehydrogenase activity of the 
microbial biomass, and sustained activity at a high level during the course of the 





carbon source with an enhanced biomass inoculum, in the presence of inorganic 
nutrients, for accelerated bioremediation of petroleum hydrocarbons in oil-
contaminated beach sediments. C30-17α(H), 21β(H)-hopane is more resistant to 
biodegradation than pristane and phytane, and is therefore a more reliable biomarker 







CHAPTER 5  
EFFECT OF NUTRIENT AMENDMENTS ON INDIGENOUS 






The study of Chapter 4 confirms the fact that nutrient availability is the most limiting 
factor for hydrocarbon biodegradation in oil-contaminated beach sediment under the 
tropical climate conditions in Singapore, although the potential capability of 
indigenous microorganisms to degrade oil is a function of the physical and chemical 
properties of the seawater and oil, the environmental conditions, and biota themselves.  
 
Both organic and inorganic forms of nutrients may be amended to beach sediments as 
a single fertilizer or mixtures of several types. The prerequisite for their effective use 
as a bioremediation nutrient amendment is the ability to stimulate biodegradation 
within a short period of time following application, combined with an ability to deliver 
a sustained release of nutrients to the microbial biomass in an aggressive leaching 
environment (Lee and Merlin, 1999). Four strategies of nutrient application for 
bioremediation purposes include addition of soluble mineral nutrients, addition of 
organic nutrient formulations, slow-release inorganic fertilizers (SRIFs), or their 
combinations (see Section 2.3.1.1 of Chapter 2 for details).  
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The aim of this study was to investigate and compare the effect of soluble inorganic 
nutrients, the organic fertilizer Inipol EAP-22, and the SRIF Osmocote on the 
biodegradation of oil and selected hydrocarbons under controlled laboratory conditions.  
In addition, the effect of a combination of soluble inorganic nutrients, Osmocote and 
Inipol on biodegradation rates was investigated. 
 
The experimental data included in this chapter has been published in Journal of 
Environmental Quality (Xu and Obbard, 2003). 
 
5.2 Materials and Methods 
 
5.2.1 Experimental Setup 
The clean sediment that was collected for this study contained 81.1% sand, 18.5% silt, 
0.4% clay, and 0.2 g organic C kg-1 dry sediment. Its pore water contained 0.03ppm N 
and 0.002 ppm P and was at pH 7.6. Sediment was transported to the laboratory and 
spiked with an Arabian light crude oil (ALCO) to achieve a total oil content of 3.22 % 
(dry weight equivalent). The sediment was then weathered for three weeks in darkness 
at ambient temperature (i.e., 23 to 34 °C) with daily mixing to maintain an aerobic 
condition. After weathering, the oil content of the spiked sediment decreased to a level 
of 2.20%.  The sediment treatments are shown in Table 5.1.  The addition of nutrients 
was based on attaining the optimal molar ratio of C:N:P for bioremediation i.e. 
100:10:1 (Liebeg and Cutright, 1999). Osmocote (Scotts, USA) used in this study 
comprises 7.5% NO3- -N, 10.5% NH3-N, 11% P2O5, 10% K2O, and a resin coating, 
giving a molar N:P ratio of 10:1.2, and it does not contain minor nutrients. Inipol EAP-





2-butoxy-1-ethanol, 15.7% urea, and 23.6% water.  For treatment Ip, the addition of 
Inipol was based on the prescribed dosage of 110 mL per kg of crude oil (Santas et al., 
1997 and 1999).  For SN+Os , Ip+Os , and Ip+SN treatments, the molar ratio of C:N:P 
also approximated to 100:10:1. In SN+Os treatment, 10% N and P came from soluble 
nutrients, and the remainder from Osmocote. In Ip+Os and Ip+SN treatments, nutrients 
derived from Inipol were negligible, and the dosage of Inipol was 10%, with the 
remainder from the alternative nutrient source. 
 
Table 5.1 Description of treatments performed in 5 kg oil-spiked beach sediment on 
Day 0. 
 
Treatment Nutrient Amendments Dosage 
g⋅kg-1 sediment 
Total C:N:P  
mole-ratio  
C None 0 No nutrient added 
SN Soluble nutrients 11.52 100:10:1 
Os Osmocote 18.88 100:10:1 
Ip Inipol 5.5 100:1.1:0.05 
















Following treatment, 5 kg oil-spiked sediment (dwt) was placed in each microcosm of 
Wet Lab (Figure 3.1), in duplicate. The operation conditions and parameters of Wet 
Lab were referred to Section 3.3 in Chapter 3. Experimental duration was 45 days, and 
microcosms were tilled daily throughout the experiment to ensure an aerobic condition. 
Sediments were sampled for analysis just prior to irrigation. Sediment sampling for 
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chemical analysis was undertaken on Days 0, 15, 30, and 45, and for biological 
analysis on Days 0, 2, 6, 12, 21, 30, 38, and 45. Seawater leachate samples were 
collected from all treatments prior to irrigation on Days 1, 2, 7, 25, and 45. For each 
duplicate microcosm, sediment samples (5 g) were taken from five separate points and 
then homogenized to form a compound sample (i.e., 25 g) for each treatment duplicate.  
 
5.2.2 Chemical Analysis 
Nutrients in seawater leachate were analyzed on a HACH DR2000 spectrophotometer. 
Total ammonia and organic nitrogen was determined as ammonia-nitrogen using a 
Kjeldahl method (Hach Company, 1995c); nitrate-nitrogen using a cadmium reduction 
method (Hach Company, 1995d); and total phosphorus using a PhosVer 3 Method 
(Hach Company, 1995b) following seawater digestion using acid persulfate (Hach 
Company, 1995e). 
 
Loss of oil from sediments and leachate was measured by gravimetric weight of TRPH 
(refer to Section 3.8.3 in Chapter 3) and gas chromatograph–mass spectrometry (GC-
MS) analysis of straight (i.e., C12-C33), and branched alkanes i.e., pristane and phytane 
(refer to Section 3.8.9 in Chapter 3). All the concentrations of target hydrocarbons 
were normalized by the conservative biomarker, C30-17α(H), 21β(H)-hopane. The 
organics in leachate were extracted by liquid-liquid partitioning using 
dichloromethane, and extract was filtered through grease-free glass microfibre filter 
discs (Whatman®) into a tared flask (Eaton et al., 1995). The filtrate from sediments 
was rotary evaporated (Eyela®) for solvent removal at 68.8 °C i.e., the boiling point of 






5.2.3 Biological Analysis 
Metabolic activity of the microbial biomass was determined by measurement of 
dehydrogenase activity. Refer to Section 3.8.6 in Chapter 3. 
 
5.2.4 Statistical Analysis 
Tukey’s one-way analysis of variance (ANOVA) test at a family error rate of 5% was 
used to determine the statistical significance of nutrient concentrations in seawater 
leachate and DHA values of each treatment over time, as well as any difference in 
TRPH loss and aliphatics loss between treatments. Data was considered to be 
significantly different between two values if p < 0.05.  Refer to Section 3.9.1 in 
Chapter 3. 
 
5.3 Results and Discussion 
 
5.3.1 Nutrients in Seawater Leachate 
In this experiment, seawater was retained in the microcosms for 1 h before gravity 
drainage of leachate for collection and analysis. Thus, nutrient concentrations 
measured reflect the levels of nutrient in the sediment pore water in the various 
microcosms. Nutrient concentrations in seawater leachate from the oil-spiked control 
and treated sediments are shown in Figure 5.1. The total N in Ip leachate was measured 
using a Kjeldahl method by changing all N in the samples to the form of NH3–N 
(Figure 5.1 a). 
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Figure 5.1 Concentration of nutrients in leachate from oil-spiked control and treated 
sediments. (a) NH3-N. (b) NO3--N. (c) PO43--P. For Ip samples treated with 
Inipol EAP-22 only, the total organic nitrogen was determined as ammonia-
nitrogen using a Kjeldahl method, meaning there is no NO3--N data in (b). 
 
Nutrient (i.e., NH3–N, NO3--N, and total P) concentrations in seawater leachate from 





the seven treatments (Figure 5.1). The concentrations of NH3–N, NO3--N, and total P 
in leachate from SN, Ip + SN, and total N and P in Ip dropped significantly in the 
initial 15 d and were then relatively stable for the remainder of the experiment. 
Nutrient levels of Ip were significantly lower than those found in leachate from any 
other treated sediment, but significantly higher than those in unamended oil-spiked 
control leachates (C and SN). No statistically significant difference was found between 
the nutrient (i.e., NH3–N, NO3--N, and total P) concentrations of SN and Ip + SN 
leachates during the experiment. Thus, Ip had no effect on the leachability of SN, and 
the nutrient contribution from Ip was negligible relative to that from added SN. It is 
possible that Ip was readily leached out of the sediments as it is easily dissolved in 
water as a surfactant. This phenomenon has also been observed in other laboratory 
studies and field trials (Lee and Merlin, 1999). 
 
The NH3–N concentration of leachate from Os sediment significantly increased 
between Days 1 and 15 and then remained stable for the remaining duration of the 
experiment. Total P concentration also significantly increased from Days 1 to 25 and 
then stabilized. The NO3--N concentration decreased from Days 1 to 7, then increased 
gradually until Day 45. Therefore, a substantial release of nutrients from Os-treated 
sediment was deferred for approximately 15 d. All treatments that contained SN (i.e., 
SN, SN + Os, and Ip + SN) produced leachates that were initially high in nitrogen 
concentrations (Figure 5.1 a and b), but ammonia and nitrate were quickly leached out 
of pore waters, especially nitrate. Phosphorus concentrations in leachate from Os + SN 
were low on Day 1 as the dosage of soluble P was only 10% of that in SN or Ip + SN. 
The NH3–N concentration in Os + Ip dropped significantly between Days 1 and 2 and 
then increased gradually up to Day 45. The NO3--N and total P concentration profile in 
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leachate from Os + Ip repeated that of Os and Os + SN, respectively. Therefore, this 
concentration of Ip in sediments had no obvious effect on nutrient release or leaching 
from Os-treated sediments. 
 
Comparing nutrient concentrations in leachate from the three Os-treated sediments, the 
nitrogen (NH3–N and NO3--N) concentration in leachate from Os + SN was 
significantly higher than Os and Ip + Os before Day 7 (Figure 5.1 a and b). Afterward, 
NH3–N levels in Os and Os + SN were almost identical, indicating that soluble 
nutrients were depleted. All three Os-treated sediments generated a more stable and 
higher level of nutrients in leachates than other sediments after Day 15, meaning that 
Os had the ability to sustain nutrient levels in the pore water of sediments over the 45-
d duration of the experiment. Among the three sediments treated with Ip, the nutrient 
level in Ip decreased the most quickly in the initial 7 d and was subsequently the 
lowest among all treatments. Thus, the sediment treated with Ip alone was the most 
liable to lose nutrients through leaching among all the nutrient additives used in this 
study. 
 
5.3.2 Dehydrogenase Activity 
Dehydrogenase activity of the microbial biomass in the oil-spiked control and treated 
sediments is shown in Figure 5.2. The DHA in the oil-spiked control sediment (no 
nutrient addition) was the least among all samples and had no significant variance 
during the 45-d experiment. All sediments amended with nutrient additives 
significantly enhanced DHA by between two- and three- fold in the first two days 
relative to the unamended control. The DHA in SN continued to increase significantly 





declined to a stable level between 5.0 and 6.2 mg INTF⋅kg-1dry sediment⋅h-1 from Day 
21 onward. This pattern was repeated for Ip + SN when DHA was only marginally 
higher than SN over the 45-d period. The DHA of Os increased until it reached 21.9 
mg INTF⋅kg-1dry sediment⋅h-1 on Day 30 before declining slightly. This pattern was 
repeated for Os + SN and Ip + Os. There was no significant variation in DHA values of 






























Figure 5.2 Dehydrogenase activity of microbial biomass in oil-spiked control and 
treated sediments (mean and standard deviation of duplicates are shown). 
 
The DHA of Ip + SN was slightly, but significantly, higher than that of SN from Day 7 
onward, and DHA of Ip + Os was the highest among all treatments on Day 12. This 
may be attributed to the presence of Ip, which serves as a surfactant and contains both 
nutrients and oleic acid. The surfactant properties probably resulted in the dispersion of 
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oil the from sediment particles into microdroplets, thus enhancing the interface area 
between the oil and water phases. 
 
Overall, DHA in sediments was strongly related to the nutrient concentrations in 
leachate and sediments. The DHA in all nutrient-amended sediments was stimulated 
after two days. After Day 15, leachate nutrient concentrations were in the order of 
treatments with Os (Os, SN + Os, and Ip + Os) > treatments without Os (SN, Ip, and Ip 
+ SN) > control. Similarly, the DHA levels in all sediments also followed this order 
indicating that the SRIF Osmocote was superior to Ip in sustaining a high level of 
metabolic activity in the indigenous microbial biomass, as well as nutrients in the oil-
contaminated sediment. 
 
5.3.3 Loss of Total Recoverable Petroleum Hydrocarbons  
There are three main pathways for loss of hydrocarbons from sediments: evaporation, 
leaching, and biodegradation. In this study, evaporation was negligible relative to 
biodegradation as the mixture of the oil and the sediment had been weathered for 3 wk 
and the TRPH values were stabilized before the experiment was conducted. Normally, 
it may be supposed that the difference between the TRPH loss from sediment and from 
leachate is a result of biodegradation.  
 
Table 5.2 gives the initial TRPH values, the total loss of TRPH from sediment and 
leachate, and the total loss of TRPH due to biodegradation in 45 d in the control and 
six sediment treatments. These TRPH losses were calculated per microcosm (i.e., per 5 
kg dry weight of sediment). Significant differences in TRPH loss from sediment 





that is, Os vs. SN + Os and SN vs. Ip (p>0.05). This means that the effect of SN and Ip 
on TRPH loss was negligible compared with Os. The loss of TRPH from Ip leachate 
was significantly higher than the other treatments and the control (p<0.05), probably 
due to the surfactant function of Ip. The TRPH losses from the leachate of the samples 
treated with Os (Os, SN + Os, and Ip + Os) were significantly higher than the control. 
This phenomenon can be explained by the high DHA of microbial biomass in these 
three treated sediments, where the bacteria may also produce biosurfactant to enhance 
oil bioavailability.  
 
Table 5.2 The mean values of initial TRPH, TRPH loss from sediment, TRPH loss 
from leachate, and TRPH loss due to biodegradation (i.e., the difference 
between the latter two ) in 45 days as well as their standard deviation for 
each treatment. These TRPH losses were calculated per microcosm (i.e., 
per 5 kg dry weight of sediment).  
 
Treatment Initial TRPH TRPH loss from 
sediment 
TRPH loss from 
leachate 
TRPH loss due to 
biodegradation 
C 111.24±9.84 18.63±0.39 2.89±0.34 15.74±0.73 
SN 111.39±12.41 29.16±0.74 5.25±1.59 23.91±0.84 
Os 111.09±7.52 58.15±2.06 9.43±1.60 48.72±0.46 
Ip 140.42±21.69 38.53±2.29 33.70±4.4 4.83±2.12 
SN+Os 111.12±7.78 59.84±2.62 9.11±0.22 50.73±2.84 
Ip+Os 114.21±16.11 67.41±3.43 14.15±2.95 53.26±6.38 
Ip+SN 113.73±2.72 36.24±2.51 8.45±1.25 27.79±3.76 
 
As mentioned above, the difference between TRPH loss from sediment and leachate 
can be regarded as a loss due to biodegradation. This TRPH loss due to biodegradation 
differed significantly between treatments (p<0.05) except for four pairs of treatments,  
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Figure 5.3 GC-MS data of oil residue extracted from sediment before experiment on 
day 0 and the control and six treated sediments on Day 45. Peak 
identification of hydrocarbon components is shown in GC-MS data of oil 






that is, SN vs. Ip + SN, Os vs. SN + Os, Os vs. Ip + Os, and SN + Os vs. Ip + Os. This 
indicates that the effect of Ip on TRPH loss due to biodegradation was negligible 
compared with SN, and the effect of these two nutrients was negligible compared with 
Os. Generally, the TRPH loss in sediments followed the sequence of treatments with 
Os (Os, SN + Os, and Ip + Os) > treatments without Os (SN, Ip, and Ip + SN) > 
control. Thus, the high level of metabolic activity in the indigenous microbial biomass 
in the three Os-amended sediments was coincidental with a greater total loss of 
petroleum hydrocarbons due to biodegradation. 
 
5.3.4 GC-MS Analysis of Aliphatics  
Initial composition of the saturated fraction (i.e., n-C12 to n-C33, pristane, and phytane) 
(Figure 5.3) in three subsamples in the Arabian light crude oil–spiked weathered 
sediment was determined before sediment treatment with the bioremedition additives. 
The scan mode GC–MS data of oil residues in the control and six treated sediments on 
Day 45 are also shown in Figure 5.3. Biodegradation of the saturated fraction in oil 
residue was more obvious in Os-treated samples (Os, SN + Os, and Ip + Os) than in the 
other samples. Light oil components, that is, n-alkanes (C12–C22), were detected in the 
leachate of the control (Figure 5.4) up to Day 7. Subsequently, no obvious oil 
component was detected from GC–MS data (Figure 5.4). Leachates of all treated 
sediments were similar to the control.  
 
The losses of total aliphatics (i.e., n-C12 to n-C33, pristane and phytane) in the oil-
spiked control and treated sediments are given in Figure 5.5. The total losses of 
aliphatics as a percentage of the initial concentrations in sediments are shown in Table 
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5.3. The proportion of both straight and branched alkanes relative to hopane decreased 
in all sediments over the duration of the experiment (Figure 5.5).  
 
Figure 5.4 GC-MS data of oil residue extracted from leachate of control on day 0 and 
7. Peak identification of hydrocarbon components is shown in GC-MS data 
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Figure 5.5 Total amounts of aliphatics (n-C12 - n-C33, pristane, and phytane) relative to 
hopane and normalized by initial values in oil-spiked control and treated 
sediments on days 0, 15, 30, and 45 (mean and standard deviation of 






Alkane loss in the control was least among all sediments, representing only a 26% loss 
on Day 45 (Table 5.3). The overall fate of aliphatics in Ip sediment was similar to that 
of the unamended control except that oil biodegradation in Ip was significantly 
enhanced in the first 15 d (Figure 5.5). In addition to nutrient limitation, the low 
degradation in the Ip treatment (Figure 5.5) may also be due to the presence of 2-
butoxyethanol in Ip, which may be toxic to bacteria. 
 
Table 5.3 Loss of TRPH and aliphatics due to biodegradation in 45 days (mean and 
standard deviation of duplicates are shown).  
 
Treatment TRPH loss due to 
biodegradation, % of initial  
Loss of aliphatics due to 
biodegradation, % of initial  
C 14.18±0.60 26.05±0.85 
SN 21.64±3.17 50.98±1.15 
Os 43.94±2.56 95.38±3.37 
Ip 3.37±0.99 27.80±1.42 
SN+Os 45.67±0.64 96.81±2.88 
Ip+Os 46.70±1.00 97.01±2.33 
Ip+SN 24.48±3.89 65.00±3.40 
 
From Table 5.4, it can be seen that a significant loss of aliphatics occurs in each 15-d 
period for each treatment, conforming to the order of ∆L(0–15) > ∆L(16–30) > ∆L(31–45), 
except for Os. For the unamended oil-spiked control sediment, SN, Ip, and Ip + SN, 
this phenomenon can be explained by the reduction in nutrient concentrations in 
sediments over the duration of the experiment. However, nutrient concentrations and 
DHA values of Os, SN + Os, and Ip + Os in the third 15-d period were equal to or 
higher than in the other two periods. Therefore, the decrease in the biodegradation of 
aliphatics in Os-treated sediments may be attributed to the reduction of substrate 
concentration in sediment. 
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Table 5.4 The loss of aliphatics in control and six treated sediments in three 15-day 
periods during the experiment.  
 
Treatment #∆L(1-15), % #∆L(16-30), % #∆L(31-45), % 
C 11.84 9.33 4.88 
SN 36.89 9.92 4.17 
Os 33.71 53.31 8.36 
Ip 19.69 5.96 2.15 
SN+Os 50.24 40.01 6.56 
Ip+Os 67.80 20.72 8.49 
Ip+SN 43.47 12.19 9.34 
#∆L(1-15), ∆L(16-30), and ∆L(31-45), mean the loss of aliphatics in the first, second, and 
third 15-day periods. “%” means % of the initial concentrations. 
 
At the end of the experiment, statistical analysis of aliphatic loss among the treatments 
was similar to that of TRPH loss due to biodegradation, except for two pairs of 
treatment, that is, control vs. Ip and SN vs. Ip + SN. Analysis of TRPH losses showed 
that there was a significant difference between the control and Ip (p<0.05), and a 
significant difference between SN and Ip + SN (p<0.05). On the contrary, analysis of 
aliphatic losses showed that there was no significant difference between the control 
and Ip (p>0.05), and a significant difference between SN and Ip + SN (p<0.05). From 
the above, it can be seen that the same significant difference between the two treatment 
pairs, that is, control vs. Ip, and SN vs. Ip + SN, is due to the existence of Ip. Without 
SN, the biodegradation of aliphatics could not be significantly enhanced by Ip, while 
the result was opposite in the presence of SN. Therefore, the TRPH loss in Ip sediment 
was mainly due to the surfactant function of Ip rather than its nutrient properties. For 
SN and Ip + SN, oil biodegradation was dominant in the first 15 d when nutrient 





In Table 5.3, oil biodegradation expressed by percentage TRPH loss is compared with 
the percentage loss of aliphatics for each sediment treatment. It can be seen that the 
two losses were not significantly different from each other in the control and SN 
samples, but differed significantly in the other treated samples. In fact, the 
biodegradation would be low when estimated by TRPH alone due to the presence of 
metabolic daughter products in the sediments and leachate. The loss of aliphatics 
overestimates the oil biodegradation, as aliphatics are easier to biodegrade than the 
more recalcitrant hydrocarbons also present in the crude oil. Therefore, it may be 
summarized that the real scale of oil biodegradation may fall between the two. 
 
In general, soluble inorganic nutrients were readily available to the indigenous 
microbial biomass and resulted in early metabolic stimulation and biodegradation of 
hydrocarbons. Venosa et al. (1996, 1997) applied mineral nutrients (NaNO3 and 
Na5P3O10), which were dissolved in seawater, to an oiled beach sand using a sprinkler 
system in a field trial on the Delaware Bay, and successfully enhanced oil 
biodegradation. Inipol can simultaneously serve as a surfactant, co-substrate, and 
nutrient source and is able to enhance the availability of both hydrocarbons and 
nutrients to the biomass. It has been demonstrated that Ip was capable of dispersing oil 
to form microdroplets, allowing enhanced biodegradation (Ladousse and Tramier, 
1991; Santas et al., 1999). However, the successful use of Ip was only achieved on 
coarse sand or mixed sand and gravel (Swannell et al., 1996). In this study, its main 
function was to serve as a surfactant, where nutrient release was negligible, possibly 
due to the fine-grained sediment used in the experiment. It has been reported that the 
SRIFs Customblen (Pritchard et al., 1992; Lessard et al., 1995) and Max Bac (Sveum 
and Ramstad, 1995; Wright et al., 1996; Oudot et al., 1998), have also been used 
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successfully in the bioremediation of oil-contaminated sediments. This study 
demonstrated that Os can successfully maintain the nutrient level and enhance oil 
biodegradation in fine-grained beach sediment. Ramsay et al. (2000) applied Os to an 
oil-contaminated mangrove sediment and increased the alkane-degrading microbial 
population size by three orders of magnitude. Swannell et al. (1999) used Os as a 
nutrient source to treat oiled shorelines and 37% more oil was degraded than in an 
untreated oil-contaminated control. So far, there have been no reports comparing the 
effectiveness of SN, Ip, and Os on oil bioremediation. This study has provided relative 
information on the bioremediation additives in beach sediments in a tropical 
environment. 
 
5.4 Concluding Remarks 
 
The beneficial effects of both soluble inorganic nutrients and Inipol in our experiment 
were found to be limited in duration due to their susceptibility to leaching loss from 
irrigated sediments. In contrast, sediments amended with the slow-release inorganic 
fertilizer Osmocote maintained nutrient levels at a concentration that was beneficial for 
the bioremediation of oil-contaminated sediments, albeit with a deferred effect before 
the onset of nutrient release. The amendment of soluble nutrients together with Os 
remedied the initial deficiency in nutrients before the onset of nutrient release from the 
SRIF, thereby resulting in an earlier stimulation of the indigenous biomass and the 
biodegradation of aliphatics. This study has demonstrated that a combination of SN 
with a SRIF is favorable for a rapid stimulation of the indigenous microbial biomass, 
sustained release of nutrients, and enhanced biodegradation of petroleum hydrocarbons 






CHAPTER 6  
BIODEGRADATION OF POLYCYCLIC AROMATIC 
HYDROCARBONS IN OIL-CONTAMINATED BEACH 





Oil, and oil contaminated environmental matrices, are extremely complex mixtures, 
which contain a vast array of aliphatic and polycyclic aromatic hydrocarbons (PAHs) 
(Wang et al., 1994a).  PAHs are toxic and hazardous chemicals which are regulated by 
the US Environmental Protection Agency as priority pollutants (Cho and Kim, 1997; 
Tabak et al., 1997; Juhasz and Naidu, 2000). Therefore, it is important to remove 
PAHs from the environment both quickly and safely following an oil spill incident. 
Acceleration of the PAH biodegradation process can be achieved by manipulating the 
substrate microenvironment, such as by adding nutrients (Oh et al., 2001), enhancing 
aerobic status (Symons et al., 1995), introducing microbial inoculum (Rahman et al., 
2002; Tam et al., 2002) or by enhancing PAH bioavailability (Barkay et al., 1999; 
Duke et al., 2000; Bogan et al., 2003). Refer to Section 2.3 in Chapter 2. 
 
This study is a supplement to the work in Chapter 5 that investigated the effect of 
bioremediation additives on the biodegradation of aliphatics in oil-contaminated beach 
sediments under tropical marine conditions. In Chapter 5, the addition of the slow-
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release inorganic fertilizer, Osmocote (Os) to sediment stimulated the indigenous 
biodegradation of aliphatics more effectively than soluble nutrients (SN) and Inipol 
EAP-22 (Ip). This work studied the ability of these nutrient sources to enhance PAH 
biodegradation in oil-contaminated beach sediments, specifically, investigated the 
biodegradation of 2- to 6- ring PAHs, as well as the C1-C4 alkyl homologues of 2- and 
3- ring PAHs, by the indigenous microbial biomass in an oil-spiked beach sediment. 
 
The experimental data included in this chapter has been published in Journal of 
Environmental Quality (Xu and Obbard, 2004). 
 
6.2 Materials and Methods 
 
6.2.1 Experiment Setup and Biological Analysis 
Refer to Section 5.2.1and 5.2.3. 
 
6.2.2 Chemical Analysis 
The oil residues extracted in Section 5.2.2 was filtered and analyzed on a gas 
chromatograph–mass spectrometer (GC–MS) for C30-17α (H), 21β(H)-hopane and 
target PAHs (2- to 6- ring PAHs, as well as the C1 to C4 alkyl homologues of 2- and 
3- ring PAHs). The GC-MS analysis method refers to Section 3.8.9 in Chapter 3. 
 
6.2.3 Statistical Analysis and First-Order Biodegradation Model 
Venosa et al. (1996 and 1997) proposed a first-order hopane-normalized model for oil 



















                  (6.1) 
Where C is the concentration of analyte, CH is the concentration of hopane, k is the 
first-order biodegradation rate constant for the analyte, (C/CH) is the time-varying 
hopane normalized concentration of the analyte, and (C/CH)0 is the theoretical value of 
that quantity at the onset of biodegradation. Normalizing Eq. 6.1 by (C/CH)0*, which is 
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Simplifying Eq. 6.2 gives the following relationship: 




































Nonlinear regression analysis was used to estimate the first order rates (k), the 
coefficients of determination (r2), and the y-intercepts of PAH biodegradation for each 
of the seven sediment treatments studied to determine how well the experimental data 
approximated to the first-order biodegradation model. 
 
Tukey's one-way analysis of variance (ANOVA) test at a family error rate of 5% was 
used to determine the statistical significance of chemical and biological data. Data 
were considered to be significantly different between two values if p < 0.05. All 
statistical analyses were performed using MINITAB Release 13.20. 
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6.3 Results and Discussion 
 
In the previous study of Chapter 5, it has been reported that the nitrogen (NH3-N, NO3-
-N) and phosphorus (PO43--P) concentrations in seawater leachate from SN, Ip, and 
Ip+SN sediments decreased significantly in the initial 15 days and then retained at a 
relatively stable and low level for the remaining period of the 45-day experiment. In 
contrast, the nutrient concentrations in leachate from the sediments treated with 
Osmocote (i.e., Os, SN+Os, and Ip+Os) increased significantly in the first 15 days and 
were subsequently retained at significantly higher levels than the other treatments and 
the control (see Section 5.3.1 in Chapter 5) The metabolic activity of the microbial 
biomass, as measured by intracellular dehydrogenase activity (DHA) in the sediments 
either amended or unamended with nutrients corresponded to the variation of nutrient 
concentration in the leachate. As a result, the DHA was significantly higher in 
sediments treated with Osmocote than those without (see Section 5.3.2 in Chapter 5). 
 
In this study, it was found that the biodegradation of total target PAHs (i.e., 2- to 6- 
ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring PAHs) and total target 
alkanes (n-C12 to n-C33, pristane and phytane) followed the first-order decline model 
(Eq. 6.3). The derived values for the first-order rate constant (k), coefficient of 
determination (r2), normalized y-intercept of total target PAH, alkane, and 2-ring PAH 
biodegradation are summarized in Tables 6.1.  
 
A summary of alkane data is presented in order that a relative comparison can be made 





contaminated sediments was reported in our previous manuscript (Xu and Obbard, 
2003). Figure 6.1 shows the biodegradation of total target PAHs in the control and 
nutrients treated sediments. Figure 6.2-6.6 show the biodegradation of individual 
PAHs with ring numbers from 2 to 6. The approximated first-order biodegradation 
kinetics based on the total PAH loss data are also shown in Figure 6.1. 
 
Table 6.1 Reaction rate constants (k), coefficients of determination (r2), and y-
intercepts (y0) of and total target PAHs, alkanes, and 2-ring PAHs. 
 
 2-Ring PAHs Total PAHs Total Alkanes 
k, d-1 0.016 0.011 0.016 
r2 0.870 0.960 0.887 
C 
y0 92.30 98.90 95.05 
k, d-1 0.038 0.012 0.038 
r2 0.881 0.930 0.884 
SN 
y0 103.2 100.3 94.74 
k, d-1 0.058 0.033 0.059 
r2 0.975 0.902 0.974 
Os 
y0 92.28 108.8 101.9 
k, d-1 0.024 0.011 0.024 
r2 0.892 0.974 0.896 
Ip 
y0 102.1 97.60 94.71 
k, d-1 0.067 0.034 0.069 
r2 0.989 0.908 0.990 
SN+Os 
y0 96.17 108.6 100.9 
k, d-1 0.038 0.036 0.038 
r2 0.969 0.996 0.969 
Ip+Os 
y0 93.70 98.69 97.54 
k, d-1 0.055 0.012 0.052 
r2 0.870 0.947 0.877 
Ip+SN 
y0 100.0 95.88 95.88 
 
 89




6.3.1 Total PAH Biodegradation 
All coefficients of determination for total target PAH loss (i.e., 2- to 6- ring PAHs and 
the C1 to C4 alkyl homologues of 2- and 3- ring PAHs) in all sediment treatments 
were above 0.9 (see Table 6.1) and all y-intercepts did not significantly differ from 
each other and the normalized value of 100 (Table 6.1, p>0.05). Therefore, the 
biodegradation rates of total target PAHs were compliant with first-order rate 
biodegradation model kinetics. As was expected, all PAH biodegradation rates were 
significantly lower than corresponding alkane biodegradation rates in the control and 
treated sediments (p<0.05) except Ip+Os (p>0.05). The exception for Ip+Os sediments 
is likely caused by Ip, which contains the simple carbon source, oleic acid, that can be 
utilized as an alternative carbon source by the microorganisms thereby slowing down 
the biodegradation rate of alkanes. However, from Figure 6.1, it can be noted that the 
concentration of total target PAHs in Ip+Os amended sediment decreased more rapidly 
than the control and the other treated sediments in the initial 30 days when Ip remained 
in the sediments. This is likely to be a function of the surfactant properties of Ip, which 
enhances the bioavailability of the PAHs to the microbial biomass. 
 
The biodegradation rates of total target PAHs in all Osmocote (Os) treated samples 
were significantly higher than those without (p<0.05, Table 6.1), where the mean loss 
rate of the former was approximately 2.9-fold higher than the latter as a result of 
biodegradation. However, there was no significant difference in the biodegradation 
rates of total target PAHs between sediments treated with Inipol (Ip), soluble nutrients 





significant difference between the treatments with Os alone and those with Os 
combined with Ip or SN (p>0.05). 
 


































Figure 6.1 Actual PAH loss (symbols) and first-order loss kinetics (lines) for total 
target PAHs (i.e., 2- to 6- ring PAHs and C1 to C4 alkyl homologues of 2- 
and 3- ring PAHs). 
 
At the end of the experiment, on day 45, only 9.3%, 9.0%, and 19.0% of total target 
PAHs remained in the sediments treated with Os alone, SN+Os, and Ip+Os 
respectively (see Figure 6.1). In contrast, 54.2-58.0% of total target PAHs was still 
present in the oil-spiked control sediment and those treated with Ip alone, SN alone, or 
in combination (Ip+SN) (see Figure 6.1). Therefore, addition of Ip and SN to oil-
spiked sediments had no additional benefit on the biodegradation of total target PAHs 
over that of Os alone in this 45-day experiment.  In contrast, the presence of SN plus 
Os was found to be favorable for the stimulation of less recalcitrant aliphatics, as 
reported previously (Xu and Obbard 2003). 
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Figure 6.2 Degradation of total target 2-ring PAHs (i.e., naphthalene and its C1 to C4 
alkyl homologues) relative to hopane for the different treatments over time.  
 
6.3.2 Biodegradation of 2-ring PAHs 
From Table 6.1, it can be seen that the r2 values for 2-ring PAH (i.e., naphthalene and 
its C1-C4 alkyl homologues) losses in sediments treated with Osmocote are greater 
than 0.95, meaning that the biodegradation of 2-ring PAHs in these sediments 
complied with first-order reaction kinetics. The first-order biodegradation rates of 2-
ring PAHs for all treatments with Osmocote were high and similar to corresponding 
alkane biodegradation rates (see Table 6.1). This may be due to their higher 
bioavailability to the microbial biomass compared to PAHs of a higher ring number. It 
has previously been reported that some simple aromatics (i.e., naphthalene and 2-
methylnaphthalene) can be biodegraded even more rapidly than alkanes (Fedorak and 
Westlake, 1981a, b). From Figure 6.2, it can be seen that the concentration of 2-ring 
PAHs reached a plateau on Day 15 in SN and Ip+SN sediments, and on Day 30 in Ip 





due to leaching in these sediments over the initial 15 days of the study (see Xu and 
Obbard, 2003). As a result, the biodegradation of 2-ring PAHs in the above three 
treated sediment does not follow the first-order kinetics. 
 
In our study, 48% of naphthalene and its C1-C4 alkyl homologues still remained in the 
oil-spiked control sediments after 45 days, and concentrations were significantly 
higher (p<0.05) than all treated sediments (2.8-41%). Among the treated sediments, 
41% of the initial 2-ring PAHs remained in the sediments treated with Ip alone, and 
this was significantly higher (p<0.05) than all other treatments (2.8-27.4%). In addition, 
the biodegradation rate of 2-ring PAHs in the Ip+Os sediment was significantly lower 
than Os and SN+Os sediments. On day 45, 25.4% of the 2-ring PAHs remained in the 
Ip+Os sediment, significantly higher than the 3.8% and 2.8% in Os and SN+Os 
sediments respectively (Figure 6.2, p<0.05). As for total alkane biodegradation, this 
may be due to the presence of oleic acid in Ip acting as an alternative carbon source 
 
6.3.3 Biodegradation of 3- to 6- ring PAHs 
The low solubility and volatility of many higher molecular weight PAHs makes them 
less susceptible to physical loss processes. As a result, their loss may be more readily 
attributed to biodegradation processes (Pritchard et al., 1992). Typically, high ring-
number PAHs are more difficult to biodegrade than one- and two-ring aromatics, and 
condensed ring aromatic hydrocarbons are even more resistant to enzymatic attack 
(Atlas and Bartha, 1992). Figures 6.3-6.6 show the biodegradation of 3- to 6- ring 
PAHs in the oil- contaminated sediments treated with the various fertilizers, and the 
results are consistent with this trend. 
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Figure 6.3 Degradation of total target 3-ring PAHs and their C1 to C4 alkyl 
homologues relative to hopane for the different treatments over time. 
 
The r2 values for 3- to 6- ring PAHs in the sediments treated with Osmocote are 
generally below 0.90 and do not approximate to first-order reaction kinetics especially 
for 4-ring PAHs.  However, from Figure 6.3 to 6.6, it can be seen that: firstly, the 
biodegradation rate of PAHs declined with increasing benzene ring number in all 
treatments; secondly, biodegradation rates of PAHs with ring numbers of 3- to 6- in 
sediments treated with Os alone were obviously higher than all other treatments 
without Os, and: thirdly, there were no obvious differences in PAH biodegradation 
rates for all treatments amended with Os, neither for those without Os. From Figure 
6.3-6.5, it can be seen that the biodegradation rates of target PAHs in Ip+Os treated 
sediments were more rapid than in all other sediments in the initial 30 days, prior to 
complete Ip leaching loss from sediments. This is likely due to the surfactant 
properties of Ip enhancing the bioavailability of 3- to 5- ring PAHs. In contrast, Ip had 








































Figure 6.4 Degradation of total target 4-ring PAHs relative to hopane for the different 
treatments over time. 
 
 



































Figure 6.5 Degradation of total target 5-ring PAHs relative to hopane for the different 
treatments over time. 
 
At the end of the experiment, on day 45, the percentages of 3, 4, 5 and 6 ring PAHs 
remaining in the sediments treated with Os were 8.7-9.0% (Figure 6.3), 14.1-15.0% 
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(Figure 6.4), 42.8-45.6% (Figure 6.5), and 55.7-64.5% (Figure 6.6), respectively. 
These levels were significantly lower compared sediments without Os (p<0.05), 
including the oil-spiked control, at 57.9-67.3% for 3-ring PAHs (Figure 6.3), 93.2-
98.8% for 4-ring PAHs (Figure 6.4), 74.4-91.0% for 5-ring PAHs (Figure 6.5) and 
85.6-91.8% for 6-ring PAHs (Figure 6.6)  



































Figure 6.6 Degradation of total target 6-ring PAHs relative to hopane for the different 
treatments over time. 
 
The deviation of PAH (i.e., 3- to 6- ring) biodegradation in sediments treated with Os 
from the first-order kinetics may be explained by cometabolism. Cometabolism is a 
term used to describe the process, in which a microorganism utilizes a readily 
degradable substrate as the carbon (energy) source to degrade an organic compound 
that is unable to use as a sole carbon (energy) source (Zhang et al., 1998). To date, no 
research on oil biodegradation has shown that high molecular weight PAHs can be 
readily utilized as a carbon or energy source by the indigenous microbial biomass. The 





hydrocarbons are present in oil-contaminated sediments that support the growth of 
microorganisms. Microbial metabolism of PAHs is a function of both the growth 
kinetics of these secondary organic compounds and the kinetics that apply to enzyme 
systems catalyzing the metabolism of PAHs. Hence, sometimes the loss of PAHs may 
not necessarily follow that of first-order kinetics. For example, the breakdown of low 
concentrations of phenol or glucose by two bacteria growing on other C sources is best 
fit by a logistic and a logarithmic loss model (Alexander, 1999). 
 
Venosa et al. (1996) undertook a field study on bioremediation of an experimental oil 
spill on the shoreline of Delaware Bay, USA. The soluble nutrients, NaNO3 and 
Na5P3O10, were applied intensively to the sediments on a daily basis at above the 
optimal concentration to counteract nutrient loss via sediment leaching. A first-order 
loss rate of 0.031 day-1 was achieved for total PAHs, which is similar to the result of 
0.033 day-1 in our study. However, as Osmocote is a slow-release fertilizer and was 
applied only once at 1.9% (sediment dry-weight equivalent), at the beginning of our 
experiment, a high level of biodegradation was sustained. In our previous report for 
this experiment (Xu and Obbard, 2003), it was shown that a single application of 
Osmocote was able to maintain an elevated level of soluble nutrients in a leached 
sediment over the entire duration of the experiment. This has operational advantages 
for a bioremediation program of oil-contaminated beach sediments in the field. 
 
The slower biodegradation of high ring number PAHs (i.e. 4- to 6- ring PAHs) in 
sediments without Osmocote may be explained by the lower prevailing concentration 
of nutrients in these sediment treatments (Xu and Obbard, 2003). PAHs in crude oil are 
invariably present with other aliphatic hydrocarbons together low ring number PAHs, 
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which are more readily biodegradable. Biodegradation of these co-contaminants can be 
expected to create a biological oxygen and nutrient demand, thereby curtailing 
biodegradation of the more recalcitrant higher ring number PAHs (Mueller et al., 
1996).  
 
6.4 Concluding Remarks 
 
The presence of Osmocote, at a concentration of 1.9% (sediment dry-weight equivalent) 
was able to sustain PAH biodegradation in the leached oil-contaminated beach 
sediment. The biodegradation rates of total target PAHs (i.e. 2- to 6- ring PAHs and 
the C1 to C4 alkyl homologues of 2- and 3- ring PAHs) were significantly higher in all 
sediments treated with Osmocote than in an oil-spiked control (p<0.05). In all treated 
sediments without Os, the presence of Ip or SN alone, or in combination, did not 
stimulate the biodegradation rates of target PAHs significantly (p>0.05).  In summary, 
choosing a suitable form of nutrient amendment can significantly enhance indigenous 
microbial biodegradation of oil components, including alkanes and PAHs in leached 
beach sediments. Our study advocates the use of the slow-release fertilizers, such as 
Osmocote, as a sustained and effective source of nutrients for the intrinsic 







CHAPTER 7  
OPTIMIZATION OF SLOW-RELEASE FERTILIZER DOSAGE 
FOR BIOREMEDIATION OF OIL-CONTAMINATED BEACH 





It has been known from Chapter 5 and 6 that the commercially available slow-release 
fertilizer, Osmocote™ (Os) is a very useful nutrient amendment for oil bioremediation 
in beach sediments under tropical conditions. It can maintain the nutrient 
concentrations at a relatively high level during the period of the experiments, which 
thus stimulates the growth of indigenous microbial biomass and enhances the 
biodegradation of petroleum hydrocarbons (i.e., aliphatics and aromatics). This 
investigation was conducted to determine the optimal dosage of Os for accelerating the 
bioremediation of petroleum hydrocarbons in oil-contaminated beach sediments in 
Singapore.  Experimental work was conducted using laboratory microcosms irrigated 
with artificial seawater under ambient meteorological conditions (i.e., Wet Lab). 
Biomass activity was determined by measurement of the intracellular enzyme, 
dehydrogenase, which has previously been optimized for use in beach sediments 
contaminated with petroleum hydrocarbons (Mathew and Obbard, 2001).  
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The experimental data included in this chapter has been published in World Journal of 
Microbiology and Biotechnology (Xu et al., 2003). 
 
7.2 Materials and Methods 
 
7.2.1 Experimental Setup 
Beach sediment, which contained 89.4% sand, 10.5% silt, 0.1% clay, and 0.2 g organic 
C kg-1 dry sediment, was collected from Pulau Semakau (Figure D, Appendix D). The 
sediment was screened to remove organic and inorganic debris greater than 5mm in 
size. No invertebrates or other organisms visible to the naked eye were present. The 
sediment was spiked with an Arabian light crude oil (ALCO) to achieve a total 
petroleum hydrocarbon content of 4.4 % (dry weight equivalent of sediment).  
 
This experiment included separate ALCO-spiked sediment treatments amended with 
Os at the following dosages: 0.2, 0.8, 1.5, 2.0, and 4.0% (sediment dry weight 
equivalent), as well as a control i.e., no Os. All the treatments were duplicated. Each 
microcosm of Wet Lab (Figure 3.1) contained 4 kg ALCO-spiked sediment (dry 
weight equivalent). The operation conditions of Wet Lab refer to Section 3.3 in 
Chapter 3. Experiment duration was 42 d and microcosms were tilled daily throughout 
the experiment to ensure an aerobic condition. 
 
7.2.2 Sampling 
Sediment and leachate samples were collected from each microcosm on Days 0, 2, 8, 
14, 21, 28, 35 and 42. Sediments were sampled during the aerobic tilling procedure 





in each microcosm to a depth of 7 cm and amalgamated to form a composite sample. 
Leachate was collected just prior to a wetting episode to ensure that most of the 
seawater was leached from the sediments. Leachate samples were filtered through 
Whatman® glass microfibre filter papers under vacuum filtration, and the filtrate was 
collected into 250 mL plastic bottles. All analysis was completed using duplicate 
samples. 
 
7.2.3 Biological Analysis 
The metabolic activity of the indigenous microbial biomass in the sediment samples 
was determined by the measurement of dehydrogenase activity (DHA), based on the 
method described in Section 3.8.6 in Chapter 3.  
 
7.2.4 Chemical Analysis 
Nutrients in seawater leachate were analyzed on a HACH DR/2000 direct reading 
spectrophotometer using HACH proprietary reagents. Ammonia-nitrogen (NH3–N), 
nitrate-nitrogen (NO3-–N), and phosphate-phosphorus (PO43-–P) were determined 
using the methods detailed in Section 3.8.5 in Chapter 3. Oil hydrocarbons in 
sediments were extracted using the microwave extraction method (see Section 3.6.2 in 
Chapter 3). The straight (i.e., C10-C33) and branched alkanes (i.e., pristane and phytane), 
as well as the conservative, non-biodegradable biomarker C30-17α(H), 21β(H)-hopane 
(Prince et al., 1994) were analyzed using GC-MS (see Section 3.8.9 in Chapter 3).  
 
7.2.5 Statistical Analysis 
One-way analysis of variance (ANOVA) test was used to determine the statistical 
significance of nutrient concentrations in seawater leachate, DHA values and the 
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concentration of petroleum hydrocarbons of each Os dosage treatment over time. 
Differences in petroleum hydrocarbon loss between treatments were determined by 
multiple comparisons using Tukey’s procedure at a family error rate of 5% (Walpole et 
al., 2002). Data were considered to be significantly different between two values if 
p<0.05.  All statistical analyses were performed using MINITAB® Release 13.2.  
 
7.3 Results and Discussion 
 
7.3.1 Microbial Dehydrogenase Activity (DHA) 
The level of DHA in the ALCO-amended control remained relatively low and stable 
(i.e., 0.9 to 2.4 mg INTF⋅kg-1dry sediment⋅h-1) over the 42-day duration of the 
experiment (p>0.05) and was significantly lower than all five Os treated sediments 
during the entire experiment (p<0.05) (see Figure 7.1). The addition of 0.2 % of Os 
increased DHA gradually to day 28, which then remained relatively constant at 5.6 to 
6.8 mg INTF⋅kg-1dry sediment⋅h-1 for the remainder of the experiment. The addition of 
a 0.8% dosage of Os significantly increased DHA levels relative to the 0.2% dosage 
during the experiment, and remained relatively constant at a level twice that of the 
0.2% dosage (i.e., 11.0 to 11.6 mg INTF⋅kg-1dry sediment⋅h-1) from day 28 onward.  
 
For sediments amended with 1.5% and 2.0% Os, DHA levels of the microbial biomass 
increased steadily, at least until day 35. There was a slight drop in DHA from day 14 to 
21, and the DHA measured in both treatments was lower than that measured in 
sediment dosed with 0.8% Os between days 14 and 28. DHA in the sediment amended 
with a dosage of 4.0% Os increased initially and then remained stable at 6.4 to 6.7 mg 





increase in DHA i.e., 6.6 to 13.4 mg INTF⋅kg-1dry sediment⋅h-1 between days 21 to 28, 
The short-term suppression of DHA levels in Os dosed sediments above 1.5% may be 
attributed to an excess of nutrients being released into sediments (see below, and 
Figures 7.2, 7.3, and 7.4). High levels of nutrients may result in other substrate factors 
becoming limiting for microbial metabolism, or induce an inhibition of microbial 
activity due to toxicity. Indeed, Dibble and Bartha (1979) reported that excess nutrients 

































Figure 7.1 Microbial dehydrogenase activity for the different treatments over time. 
Dosages of Os to the ALCO-spiked sediments (%, w/w) are shown (i.e., 0.0 
to 4.0%). Error bars represent ±1 standard deviation unit.  
 
The temporal variability in DHA values over the duration of the experiment was 
significant in sediments treated with more than 0.2% Os (p<0.05), but not in the 
unamended control or sediments treated with 0.2% Os (p>0.05). The mean DHA value 
in sediments treated with 0.8% Os during the experiment was the highest amongst the 
six sediment dosages (Hsu’s MCB). Os concentrations in ALCO-amended sediments 
above 0.8 % did not significantly enhance DHA (p>0.05). Therefore, using Os at a 
dosage of 0.8 % was sufficient to significantly enhance the metabolic activity of the 
 103
Optimization of Osmocote Dosage 
 
 
indigenous microbial biomass over the duration of the experiment, where higher 
concentrations resulted in no additional benefit. 
 
7.3.2 Concentration of Nutrients in Sediment Leachate 
Sediments were saturated with seawater for one hour after irrigation, before gravity 
drainage and collection of leachate prior to the next wetting episode.  
 
Table 7.1 Effect of Os dosages after 42-days treatment on microbial dehydrogenase 
activity (DHA) and biodegradation of ALCO components. DHA units are 

















0.0 1.49 0.08 0.05 0.26 30.7 8.2 6.5 
0.2 5.60 4.95 2.50 12.22 54.4 5.9 12.7 
0.8 11.59 16.25 7.38 63.43 91.9 39.1 26.4 
1.5 12.76 35.50 8.62 153.8 97.0 68.7 66.9 
2.0 13.63 47.00 6.75 215.3 97.2 81.2 69.3 
4.0 13.59 100.5 45.5 242.4 96.6 91.2 73.7 
 
Ammonia-nitrogen.  The concentration of ammonia expressed as nitrogen (i.e., 
[NH3–N]) in the ALCO-amended control was the lowest among the six treatments (see 
Figure 7.2) and decreased steadily from 2.12 mg⋅L-1 to 0.08 mg⋅L-1 over the 42-d 
duration of the experiment. After Day 2, [NH3–N] of the control was very low and did 
not vary significantly (p>0.05) for the remainder of the period. This may be expected 
as NH3–N already present in the sediment would have been readily lost due to the 




































Figure 7.2 Concentration of ammonia expressed as nitrogen in sediment leachate over 
time. Dosages of Os to the ALCO-spiked sediments (%, w/w) are shown 
(i.e., 0.0 to 4.0%). Error bars represent ±1 standard deviation unit.  
 
The concentration of NH3–N in leachate from all Os dosed sediments above 0.2% 
increased until Day 21, and then subsequently declined until the termination of the 
experiment on Day 42. Sediment treated with 0.2% Os had a maximum [NH3–N] on 
Day 28, i.e. a delayed maximum relative to the other treatments. From Table 7.1, it can 
be noted that the concentrations of NH3–N from all treated sediments on Day 42 were 
significantly higher than that of the control (p<0.05). Therefore, the slow-release 
fertilizer, Os was able to effectively elevate [NH3–N] in sediments over the duration of 
the experiment at all dosages.  
 
Nitrate-nitrogen. The concentrations of nitrate expressed as nitrogen (i.e., [NO3-–
N]) in sediment leachates are shown in Figure 7.3. The concentration of NO3-–N in the 
unamended oil-spiked control sediment decreased significantly over 42 d (p<0.05). For 
treatments with 0.2% and 0.8% Os, [NO3-–N] remained relatively stable over 42 d at 
3.4 ± 1.1 mg⋅L-1 and 10.4 ± 4.4 mg⋅L-1, respectively. The nitrate released by Osmocote 
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Figure 7.3 Concentration of nitrate expressed as nitrogen in sediment leachate over 
time. Dosages of Osmocote to the ALCO-spiked sediments (%, w/w) are 
shown (i.e., 0.0 to 4.0%). Error bars represent ±1 standard deviation unit.  
 
Leachates from sediment treatments dosed with 1.5% and 2.0% Os, increased in [NO3-
–N] until Day 14 to reach a maximum, and then declined. Dosage with 4.0% Os 
showed the same trend as 1.5% and 2.0% dosages except that [NO3-–N] peaked later at 
Day 21 at a relatively high concentration. On Day 42, [NO3-–N] from all treated 
samples was significantly lower than their corresponding [NH3–N] and [PO43-–P] 
(Table 7.1, p<0.05). In addition, [NO3-–N] for treatments dosed with between 1.5 and 
4.0% Os on 42 was also significantly lower compared to Day 0. Nitrate was leached 
out of the sediments due to its high solubility in water.  
 
Phosphate-phosphorus. Similar to [NH3-N] and [NO3-–N], the concentration of 
phosphate-phosphorus, [PO43-–P], in the unamended oil-spiked control was the lowest 





(p<0.05). Leachate PO43-–P from all Os treated sediments increased gradually, and 
reached their maxima on Day 28. The [PO43-–P] did not decrease to a low 
concentration at the end of the experiment as for [NH3-N] and [NO3-–N] (Table 1), 
most likely due to PO43- ions being readily adsorbed onto iron and aluminum oxide 

































Figure 7.4 Concentration of phosphate expressed as phosphorous in sediment leachate 
over time. Dosages of Osmocote to the ALCO-spiked sediments (%, w/w) 
are shown (i.e., 0.0 to 4.0%). Error bars represent ±1 standard deviation 
unit.  
 
By comparing means of the nutrient concentrations i.e. ([NH3–N], [NO3-–N], and 
[PO43-–P]) over the experimental period for different Os dosages, it was observed that 
the nutrient concentration was enhanced as the dosage of the Os increased (Tukey’s 
one-way ANOVA, p<0.05). Overall, all Os dosed sediments had a sustained nutrient 
release into sediments for at least 42 d and this resulted in a relatively higher level of 
microbial metabolic activity compared to the control. This is clearly beneficial in terms 
of fertilizer cost during a beach sediment cleanup operation, as Os would not have to 
be reapplied over short time intervals. 
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7.3.3 Biodegradation of Total Straight Chain Alkanes (C10 – C33)  
Figure 7.5 shows the extent of biodegradation of total straight chain alkanes (i.e., C10 – 
C33) relative to the biomarker, C30-17α(H), 21β(H)-hopane in the ALCO-spiked 
unamended control and the Os treated sediments. Biodegradation of alkanes in all 













































Figure 7.5 Degradation of total straight chain alkanes (C10 – C33) relative to hopane for 
the different treatments over time. Dosages of Osmocote to the ALCO-
spiked sediments (%, w/w) are shown (i.e. 0.0 to 4.0%). Error bars 
represent ±1 standard deviation unit. 
 
After 42 d, the cumulative loss of alkanes relative to hopane was 30.7 % for the control; 
54.4 % for sediment dosed with 0.2%Os; 91.9 % for 0.8% Os; and 96.9 ± 0.3 % for 
sediments dosed with Os ranging from 1.5 to 4.0% (Table 7.1). Venosa et al. (1996) 
also reported about 90.6 % degradation of total alkanes (i.e., C10 – C35 plus pristane 
and phytane) relative to hopane in a bioremediation of an experimental oil spill treated 
with sodium tripolyphosphate (Na5P3O10) on the shoreline of Delaware Bay over 40 d. 
DHA levels on Day 42 for all treatments (Table 7.1) were significantly higher than the 





treatments except sediment dosed with 0.2% Os. Therefore, higher DHA values 
corresponded to an increased biodegradation of straight chain alkanes, indicating the 
value of this enzyme assay for evaluating microbial activity and the biodegradation 
potential of the indigenous microbial biomass in oil-contaminated sediments (Mathew 
and Obbard, 2001). 
 
7.3.4 Biodegradation of Pristane and Phytane  
From Figure 7.6, it can be noted that the ratio of the branched alkane, pristane, relative 
to hopane for the control and the treatment dosed with 0.2% Os remained relatively 
constant at 65.6 ± 3.6 units and 65.3 ± 3.9 units, respectively (p>0.05). On Day 42, the 







































Figure 7.6 Degradation of pristane relative to hopane for the different treatments over 
time. Dosages of Osmocote to the ALCO-spiked sediments (%, w/w) are 
shown (i.e. 0.0 to 4.0%). Error bars represent ±1 standard deviation unit.  
 
From Table 7.1, losses of pristane over 42 d in sediment treatments dosed with 0.8%, 
1.5%, 2.0%, and 4.0% Os were 39.1%, 68.7%, 81.2 %, and 91.2 %, respectively. The 
degradation of pristane makes it unsuitable as an internal biomarker and confirms early 
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studies (Prince et al., 1994). The degradation of pristane in sediment dosed with 0.8% 
Os was significantly higher than the control and the treatment with 0.2% Os (p<0.05).  
The degradation of pristane in ALCO-contaminated sediments treated with an Os 
dosage equal to or more than 1.5% was significantly higher (p<0.05) than those treated 








































Figure 7.7 Degradation of phytane relative to hopane for the different treatments 
over time. Dosages of Osmocote to the ALCO-spiked sediments (%, 
w/w) are shown (i.e., 0.0 to 4.0%). Error bars represent ±1 standard 
deviation unit. 
 
The ratio of phytane relative to hopane (Figure 7.7) for the control, 0.2% and 0.8% Os 
dosed sediment remained relatively constant at 96.0 ± 5.6 units, 90.1 ± 6.9 units, and 
84.0 ± 10.3 units, respectively (p>0.05), indicating a lack of biodegradation for this 
more recalcitrant branched alkane. The losses of phytane on Day 42 for these three 
treatments were 6.5 %, 12.7 %, and 26.4%, respectively (Table 7.1).  In contrast, 
sediments dosed with 1.5%, 2.0% and 4.0% Os had phytane losses relative to hopane 
of 70.0 ± 3.7 % (Table 7.1), which is significantly higher than the other three 
treatments (p<0.05). The marked degradation of phytane also makes it unsuitable an 





chain length. The biodegradation of both pristane and phytane biomarkers is testimony 
to the favourable conditions of Singapore’s tropical climate for the bioremediation of 
petroleum hydrocarbons. Overall, a dosage of 1.5% Os is considered optimal to sustain 
the biodegradation of branched alkanes (i.e., pristane and phytane). 
 
7.4 Concluding Remarks 
 
From this study, it was found that a dosage of Osmocote™ equal to or more than 0.2% 
was able to effectively maintain the release of nutrients (i.e., NH3-N, NO3--N, and 
PO43-–P) into a leached oil contaminated sediment for at least 42 days. A significant 
enhancement of the metabolic activity of the indigenous microbial biomass over the 
duration of the experiment relative to the ALCO-spiked unamended control was also 
achieved. However, there were no significant enhancements in DHA or biodegradation 
of straight chain alkanes (C10 – C33) in the sediments with Os dosage above 0.8 %. 
 
The biodegradation of total straight chain alkanes (C10 – C33) relative to the biomarker, 
C30-17α(H), 21β(H)-hopane was not significant over time in the ALCO-spiked 
unamended control, but was for all Os treated samples. Significantly higher 
biodegradation rates of total straight chain alkanes for sediments treated with Os at 
concentrations greater than 0.2% was achieved relative to the control at the end of the 
experiment.  As there was no significant difference in the degradation rates of alkanes 
relative to hopane for treatments with Os concentration over 0.8%. A dosage of 0.8% 
Os is considered optimal for the biodegradation of straight chain alkanes (i.e., C10 – C33) 
by the indigenous microbial biomass. Similarly, 0.8% Os was also enough to 
significantly enhance the biodegradation of branched alkanes (pristane and phytane) 
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relative to the ALCO-amended control and 0.2% Os. However, a dosage of 1.5% 
resulted in maximum biodegradation of pristane and phytane. 
 
In the field, additional processes may lead to abiotic losses of alkanes, especially 
volatilization under sunlight. Rainfall can also be expected to increase the leaching of 
nutrients from beach sediments during the inter-tidal cycle. When implementing a 
bioremediation program using nutrients on oil-contaminated beaches, the washout rate 
of dissolved nutrients should also be considered. Results from this study indicate that 
relatively low dosages of Osmocote fertilizer in the range of 0.8 to 1.5 % are sufficient 
to significantly enhance the metabolic activity of the indigenous microbial biomass and 
maximize biodegradation of petroleum hydrocarbons in oil-contaminated sediments in 







CHAPTER 8  
APPLICATION OF A SLOW-RELEASE FERTILIZER FOR IN-






Numerous experimental studies have shown that amendment of nutrients to beach 
sediments can result in the enhanced biodegradation of petroleum hydrocarbons 
(Mearns, 1997, Lee and Merlin, 1999 and Head and Swannell, 1999, Xu and Obbard, 
2003, Xu et al., 2003). Wrenn et al. (1997) showed that indigenous biodegradation 
rates of hydrocarbons in beach sediments is a function of the nutrient concentration in 
pore water, where Young et al. (2001) demonstrated that nutrient levels should be 
present in sufficient concentrations throughout the entire bioremediation program to 
support maximal growth rates of hydrocarbon degrading microorganisms.  
 
However, amendment of nutrients to open beach environments is often impractical as 
water-soluble nutrients can be rapidly diluted and leached out of the sediment profile 
(Lee and de Mora, 1999). Slow-release inorganic fertilizers are designed to release 
nutrients continually or intermittently over a period of time upon contact with water 
(Lessard et al., 1995). Pelletized slow-release fertilizers such as Customblen (Pritchard 
et al., 1992; Lessard et al., 1995) and Max Bac (Sveum and Ramstad, 1995; Wright et 
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al., 1996; Oudot et al., 1998) have been applied to oil contaminated beach sediments in 
order to stimulate and maintain indigenous biodegradation rates.  
 
This study was to investigate the potential of the slow-release fertilizer OsmocoteTM 
(Os) on stimulating indigenous biodegradation of petroleum hydrocarbons in beach 
sediments on an intertidal foreshore in Singapore. Its beneficial use for stimulating 
biodegradation of alkanes and polycyclic aromatic hydrocarbons (PAHs) has also been 
demonstrated in laboratory based bioremediation experiments on oil-spiked beach 
sediments (Xu and Obbard, 2003 and 2004, Xu et al., 2003, see Chapter 5, 6 and 7). It 
was hypothesized that the application of Osmocote to the open foreshore environment 
of Singapore may provide a sustained release of essential nutrients to support the 
sustained biodegradation of aliphatic hydrocarbons by the indigenous microbial 
biomass on the inter-tidal foreshore environment.  
 
The experimental data included in this chapter has been published in Journal of 
Environmental Quality (Xu et al., 2004). 
 
8.2 Materials and Methods 
 
8.2.1 Experimental Setup 
Six free draining, stainless steel (grade 316) microcosms, each measuring 75×75×60 
cm, were placed between the upper and lower tidal limits of an isolated beach on Palau 
Semakau (Figure D, Appendix D), a small island 8 km south to the Singapore main 
island. The open bases of the microcosms were inserted to a depth of 25 cm into the 





spiked sediments amended with Osmocote, and three oil-spiked unamended controls 
(details below). Control and treated microcosms were alternated with a spatial 
separation of 2 m between each microcosm. As the tidal range in Singapore is 
restricted (typically around 2-3 m) and wave action is limited, the risk of physical 
damage to the microcosms was low. The top of each microcosm was fitted with a 
cover of fine stainless steel wire mesh (s/s mesh size #100) in between two sheets of 
coarser mesh (s/s mesh size #24) to allow the free exchange of seawater, but prevent 
loss of sediment.  
 
A total of 480 kg of beach sediment (dry weight equivalent, 71.03% sand, 28.85% silt 
and 0.12% clay) was spiked (5% wet weight) with an Arabian light crude oil (ALCO). 
The ALCO comprised 87.4% carbon, 13.1% hydrogen and 1.2% nitrogen. Oil spiked 
sediments were thoroughly homogenized by physical mixing and then weathered for 
two weeks to allow physical adsorption of petroleum hydrocarbons to sand particulates, 
as well as the loss of volatile organic compounds. Each microcosm contained 80kg of 
ALCO spiked, weathered sediment, where three of the microcosms were amended with 
1.2% (w/w) Os and thoroughly mixed just prior to the start of the field trial. The 
Osmocote™ 18-11-10 used contains water-soluble N-P-K at concentrations of 18, 4.8, 
and 8.3% (w/w), respectively, with no other trace constituents. Microcosms were 
naturally inundated with seawater twice daily by the tide, and left undisturbed between 
sample episodes - there was no physical agitation of sediments other than by natural 
wave and current action. During the experiment, 100 g sediment samples were taken 
randomly from eight different points to a depth of 15 cm in each microcosm and 
composited for biological and chemical analyses. Sampling was conducted on day 0, 7, 
15, 21, 28, 40, 56, 69, 77, and day 105 when the experiment was terminated. 
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8.2.2 Nutrients in Sediment Pore Water Extracts 
Interstitial pore water was extracted from the sediment sub-samples (50 g dry weight 
equivalent) using 250 mL of deionized water on a rotary shaker (150 rpm) for 90 min 
at 25°C. Any Osmocote pellets present in the sediment were removed from the treated 
samples before the extraction of the sediment pore water. The extracted solutions were 
then analyzed on a HACH DR2000 direct reading spectrophotometer using HACH 
proprietary reagents. Ammonia (NH4+–N), nitrate (NO3-–N), and phosphate (PO43-–P) 
concentrations were determined by method in Section 3.8.5 in Chapter 3. Nutrient 
concentrations were expressed in mg⋅L-1 of sediment pore water. 
 
8.2.3 Dehydrogenase Activity Analysis 
The metabolic activity of the indigenous microbial biomass in the sediment samples 
was determined by the measurement of dehydrogenase activity (DHA), based on the 
method described in Section 3.8.6 in Chapter 3.  
 
8.2.4 Hydrocarbon Analysis 
Total recoverable petroleum hydrocarbons (TRPH) in sediments were measured using 
Soxhlet-extraction method and calculated according to Eq. 3.1 (See Section 3.6.1 and 
3.8.3 in Chapter 3, respectively).  
 
GC-MS was used to analyze straight (i.e., C10-C33) and branched alkanes (i.e., pristane 
and phytane), PAHs (i.e., 2- to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- 
and 3- ring PAHs), as well as the conservative biomarker, C30-17α(H), 21β(H)-hopane. 






8.2.5 Statistical Analysis and First-Order Biodegradation Modeling 
One-way analysis of variance (ANOVA) test was used to determine the statistical 
significance of nutrient concentrations in sediment pore water extracts, DHA values 
and the concentration of petroleum hydrocarbons in oil-spiked control and Osmocote 
treated sediments over time. Differences in petroleum hydrocarbon concentrations 
normalized by hopane between treatments were determined by multiple comparisons 
using Tukey’s procedure at a family error rate of 5% (Walpole et al., 2002). Data were 
considered to be significantly different between two values if p < 0.05.  All statistical 
analyses were performed using MINITAB® Release 13.2. Refer to Section 3.9.1 in 
Chapter 3. 
 
The first-order hopane-normalized model for oil biodegradation referred to Eqs. 3.3 
and 3.4. in Section 3.9.2 of Chapter 3.  
 
8.3 Results and Discussion 
 
8.3.1 Nutrients in Sediment Pore Water Extracts 
The nutrient concentrations (i.e., NH4+-N, NO3--N, and PO43--P) in pore water extracts 
of the control and treated sediments over the duration of the field trial are shown in  
Figure 8.1. Nutrient levels in the ALCO-spiked control sediment were low and stable 
throughout the experiment. Initially, the rate of NH4+-N, NO3--N, and PO43--P release 
from the Osmocote pellets was higher than the rate of nutrient leaching and 
immobilisation into the microbial biomass - leading to a net accumulation of nutrients 
in sediment. 
 117
In-Situ Oil Bioremediation with Osmocote 
 
 

































Figure 8.1 Concentrations of NH4+-N, NO3--N, and PO43--P in sediment pore water 
extracts during the 105-d period experiment. Error bars represent ±1 
standard deviation unit. C, control samples; Os, Osmocote treated samples. 
 
Relative to the control, the presence of the Osmocote was able to sustain a significantly 
elevated level of nutrients in naturally leached beach sediments over the entire duration 
of the 105-d experiment. It is possible that Osmocote acted as both a direct nutrient 
source, as well as indirectly via the uptake of nutrients into the biomass. The biomass 
represents a labile reservoir of temporarily immobilized nutrients which are released 
slowly as a result of cell lysis upon biomass attrition (Santas et al., 1999).  
 
8.3.2 Dehydrogenase Activity of Microbial Biomass 
Dehydrogenase activity of the indigenous microbial biomass over the duration of the 
field experiment is shown in Figure 8.2.  DHA in the oil-spiked control sediment was 
relatively low and showed no major variance over the 105-d experiment, ranging 
between 0.22 and 1.56 mg INTF⋅kg-1 dry sediment⋅h-1. In contrast, the DHA of the 





from 0.32 to 14.5 mg INTF⋅kg-1dry sediment⋅h-1). The DHA subsequently declined to 
2.75 mg INTF⋅kg-1dry sediment⋅h-1 at the termination of the field trial on Day 105, but 
remained significantly higher than that in the control.  





























Figure 8.2 Dehydrogenase activity of microbial biomass in oil-spiked control and 
Osmocote treated sediments. Error bars represent ±1 standard deviation unit. 
C, control samples; Os, Osmocote treated samples. 
 
As the nutrient levels in the Osmocote treated sediments remained high after Day 28 
(Figure 8.1), the reduction of DHA from Day 28 onwards was likely due to a reduction 
in readily degradable hydrocarbons (see below) rather than a nutrient limitation on 
metabolic activity. Therefore, the addition of Osmocote as a nutrient source can 
significantly enhance the microbial biomass activity in the oil-contaminated beach 
sediments in the inter-tidal foreshore environment at a concentration of 1.2% (w/w). 
 
8.3.3 Hydrocarbon Losses 
Table 8.1 summarizes the first-order rate constants (k), coefficients of determination 
(r2) for goodness of fit, and y-intercept (y0), as calculated by nonlinear regression, of 
 119
In-Situ Oil Bioremediation with Osmocote 
 
 
the TRPH, total straight alkanes, total target branched alkanes, total target PAHs (i.e., 
2- to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring PAHs), as well 
as total target PAHs with individual ring number (2 to 6) separately, in the oil-spiked 
control and Osmocote treated sediments. All concentrations of the target analytes were 
normalized to sediment hopane (C/CH) concentration to identify losses due only to 
biodegradation (Venosa et al., 1996) except TRPH values. The four y-intercepts (i.e., 
experimentally measured as well as theoretically estimated y-intercepts on Day 0 in the 
control and treatment) of each group of target analytes were not significantly different 
from each other (Table1; p>0.05). According to the r2 values (0.862 to 0.997), TRPH 
as well as all the hopane-normalized concentrations of target analytes declined in close 
approximation to the first-order model. Figures 8.3 to 8.5 show the first-order loss of 
TRPH, total straight alkanes, and total target PAHs as representatives for the loss of oil 
and its components from the sediments.   
 
8.3.3.1 TRPH loss  
The initial concentrations of TRPH estimated by Eq. 3.3 ( y0) were equivalent for the 
oil-spiked control and Osmocote treated sediments (Table 8.1) at around 23 g 
TRPH⋅kg-1 dry sediment, but first-order rates differed significantly. In this case, y 
represents TRPH concentration throughout the experiment, and y0 represents TRPH 
concentration on Day 0. The rate constant for Osmocote treated sediment was 
approximately 2.57 times that of the control. At the end of the 105-d experiment, the 
TRPH in Osmocote treated sediments was approximately 40% less than the oil-spiked 
control (7.57 versus 12.1 g⋅kg-1 dry sediment) (Figure 8.3). The presence of Osmocote 






Table 8.1 First-order rate constants (k), coefficients of determination (r2), and y-
intercepts (C/CH)0 estimate for the degradation of total n-alkanes (C10-C33), branched 
alkanes (pristane and phytane), and PAHs (2- to 6- ring PAHs and the C1 to C4 alkyl 
homologues of 2- and 3- ring PAHs). R2-R3 respectively represents the total 2-ring 
PAHs and total 3-ring PAHs including their C1 to C4 alkyl homologues. R4-6 
represents total PAHs with ring-number from 4 to 6. y0, T, theoretically estimated 
values of y-intercept using first order biodegradation model; y0, E, experimentally 
measured values of y-intercept. 
 
Treatment C Os 
Coefficient k, d-1 r2 y0, T y0, E k, d-1 r2 y0, T y0, E 
TRPH 0.007±0.002 0.939 23.55±2.51 24.41±1.13 0.018±0.000 0.969 22.86±1.14 23.09±0.30 
TAlk 0.019±0.002 0.874 3827±213 3665±246 0.075±0.005 0.988 4708±1171 4676±332 
TBrAlk 0.008±0.004 0.866 207.4±18.2 241.3±13.7 0.044±0.005 0.958 244.3±62.8 235.0±67.9 
TPAHs 0.041±0.007 0.973 137.1±17.6 145.6±23.9 0.098±0.011 0.989 142.6±20.2 145.7±22.6 
R2 0.058±0.012 0.975 99.29±14.35 103.1±20.7 0.157±0.012 0.997 96.56±7.52 97.05±7.93 
R3 0.023±0.003 0.931 36.87±3.62 37.57±2.37 0.057±0.018 0.991 44.01±14.46 44.08±18.42 
R4 0.011±0.005 0.862 1.186±0.212 1.321±0.420 0.036±0.004 0.95 1.319±0.062 1.180±0.067 
R5 0.007±0.004 0.863 1.626±0.140 1.781±0.270 0.015±0.000 0.981 1.706±0.055 1.698±0.099 
R6 0.005±0.002 0.911 1.733±0.184 1.799±0.279 0.011±0.001 0.954 1.796±0.021 1.734±0.054 























Figure 8.3 First-order decline in TRPH. Error bars represent ±1 standard deviation unit. 
C, control samples; Os, Osmocote treated samples. 
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8.3.3.2 Loss of aliphatic hydrocarbons  
The hopane-normalized concentration (C/CH) of total n-alkanes (i.e., C10-C33) 
decreased significantly with time (p<0.05) in both the oil-spiked control and Osmocote 
treated sediments and decreased to a similar low level (i.e., 266-374 hopane units) at 
the end of the 105-d experiment (p>0.05), see Figure 8.4. However, their declination 
rates differed siginificantly. The hopane-normalized rate constant of total n-alkanes for 
Osmocote treated sediments was approximately 3.95-fold higher than the control 
(Table 8.1). This is impressive when compared with previously reported enhancement 
factors of 2.3 in sediments amended with soluble nutrient sources (Venosa et al., 1996 
and 1997). Alkanes in Osmocote amended sediments degraded rapidly from Day 0 
until Day 28 when the loss was almost total. The loss of n-alkanes in the control was 
substantially and significantly lower, where 40% of the total alkanes remained at Day 
28. 














Figure 8.4 First-order decline in total n-alkanes. Error bars represent ±1 standard 
deviation unit. C, control samples; Os, Osmocote treated samples. C/CH, 







The relative losses of the more recalcitrant branched alkanes (pristane and phytane) in 
the control and treated sediments are shown in Figure A1 (see Appendix A). The y-
intercepts (Day 0) for the control and treatment were not significantly different from 
each other. The loss rate constant for branched alkanes in Osmocote treated sediments 
was 5.5-fold higher than the control. Comparing the first-order rate constants for the n-
alkanes and branched alkanes, it was found that the loss rates of total branched alkanes 
were significantly lower than total n-alkanes in both the control and treated sediments 
(p<0.05). This confirms the relatively higher and expected recalcitrance of the 
branched alkanes relative to the n-alkanes. At the end of the 105-d field trial, 
approximately 97% of the branched alkanes were lost from the Osmocote treated 
beach sediments, compared to only 41% in the control. Therefore, this confirms that 
pristane and phytane are not reliable to serve as conservative biomarkers for 
monitoring of oil biodegradation in beach sediments (Prince et al., 1994). Overall, it 
was evident that Osmocote was able to significantly enhance and accelerate the 
biodegradation of aliphatic hydrocarbons in oil-contaminated sediments under natural 
field conditions.  
 
8.3.3.3 Loss of total target PAHs 
The loss of total target PAHs (i.e., 2- to 6- ring PAHs and the C1 to C4 alkyl 
homologues of 2- and 3- ring PAHs) was exactly compliant with the first-order rate 
model kinetics since the coefficients of determination (r2) for both the control and 
Osmocote treated sediments were above 0.97 and the two y-intercepts (Day 0) did not 
significantly differ from each other (Table 8.1).  
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The loss rate of total PAHs in Osmocote treated sediments was approximately 2.45-
fold higher than the control as a result of biodegradation. This is impressive compared 
with the previously reported enhancements of 1.5-2-fold in sediments amended with 
soluble nutrient sources (Mearns, 1997; Venosa et al., 1996 and 1997). At the end of 
the 105-d experiment, only 1% of total target PAHs remained in sediment treated with 
Osmocote, significantly lower than the 11% in the control (Figure 8.5). A 90% loss of 
total target PAHs was achieved in Osmocote treated sediment after 28 days, and after 
56 days in the control sediment. Therefore, addition of Osmocote significantly 
enhanced both the biodegradation loss and rate of total target PAHs under natural field 
conditions. 















Figure 8.5 First-order decline in total target PAHs (i.e., 2- to 6- ring PAHs and C1 to 
C4 alkyl homologues of 2- and 3- ring PAHs). Error bars represent ±1 
standard deviation unit. C, control samples; Os, Osmocote treated samples. 







8.3.3.4 Loss of total target PAHs with individual ring number 
All target PAHs, of various benzene ring number, followed the first-order loss model 
(Eq. 3.3). Our previous laboratory studies on PAH biodegradation in oil-spiked 
sediments using an ‘open’ irrigation system showed a different pattern of 
biodegradation kinetics for 3 to 6 ring PAHs in the oil-spiked sediments (Xu and 
Obbard, 2004). The difference maybe related to induced microbial stress as a result of 
sediment excavation and exposure to laboratory conditions. The loss rates of 2-ring 
PAHs (i.e., naphthalene and its C1-C4 alkyl homologues) for both the control and 
Osmocote treated sediments were higher than their corresponding alkane loss rates 
(Table 8.1). This result was consistent with our previous laboratory studies, which also 
used Osmocote as a nutrient source (Xu and Obbard, 2004). The difference may be 
caused by the higher susceptibility of 2-ring PAHs to biodegradation. Fedorak and 
Westlake (1981a, b) also reported that the biodegradation of simple aromatics (e.g., 
naphthalene and 2-methylnaphthalene) was faster than n-alkanes in crude oil-
contaminated sediments and seawater in Prudhoe Bay.  
 
It can be noted from Table 8.1 that the first-order rate constant of PAHs generally 
decreased with increasing benzene ring-number in both treatments. This is consistent 
with early studies that have reported high ring-number PAHs are more recalcitrant and 
less bioavailable than those of a lower ring-number (Atlas and Bartha, 1992, Mueller et 
al., 1996). The hopane normalized first-order rate constants of PAHs with ring 
numbers from 2 to 6 in Osmocote treated sediments were 2.71-, 2.48-, 3.27-, 2.14- and 
2.2- fold higher than the control, respectively. Therefore, the addition of Osmocote to 
the oil-contaminated beach sediments significantly enhances and accelerates the 
biodegradation of target PAHs with ring numbers from 2 to 6. 
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8.4 Concluding Remarks 
 
In this study, the sustained release of nutrients from Osmocote amended to leached, 
oil-spiked beach sediments under natural field conditions dramatically increased the 
metabolic activity of the indigenous microbial biomass, and significantly accelerated 
the biodegradation of oil hydrocarbons (i.e., aliphatics and PAHs). This finding 
supports and extends our previous laboratory studies where Osmocote was applied oil 
contaminated beach sediments to stimulate hydrocarbon biodegradation under 
controlled conditions (Xu and Obbard, 2003; Xu et al., 2003). The ability of Osmocote 
to supply a sufficiently high level of nutrients over a 105-d period to the microbial 
biomass in an open, leached foreshore environment, at a reasonably low application 
rate of 1.2% (w/w), is encouraging.  In summary, Osmocote can be regarded as an 
effective slow-release fertilizer for the biodegradation of petroleum hydrocarbons in 
oil contaminated beach sediments on the inter-tidal foreshore in the tropical 







CHAPTER 9  
USE OF SLOW-RELEASE FERTILIZER AND BIOPOLYMERS 
FOR STIMULATING HYDROCARBON BIODEGRADATION IN 





Following a coastal oil spill near the shoreline, significant amounts of higher molecular 
weight aromatic components may remain in the sediment for several years. In 
particular, the biodegradation of PAHs is limited due to their low bioavailability and 
water solubility and strong adsorption onto sediments (Cerniglia, 1992; Taylor and 
Jones, 2001). Therefore, it is important to enhance the bioavailability of these 
components to the indigenous microbial biomass. Recently, attention has been focused 
on the use of chitin (poly-β-1,4-N-acetylglucosamine) and its N-deacetylated 
derivative, chitosan, as potential oil bioremediation additives since they are readily 
degradable in marine, estuarine, soil and sand environments (Setti et al., 1999; 
Richmond et al., 2001). Chitin contains 5-8% nitrogen, depending on the extent of 
deacetylation (Kumar, 2000) and serves as a C, N, and energy source for bacteria and 
fungi (Richmond et al., 2001).  
 
Chitin and chitosan are also sorbents for many potential environmental contaminants. 
Chitosan has been demonstrated as an effective coagulating agent for organic 
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compounds and an adsorption medium for dyes, small concentrations of phenols, 
polychlorinated biphenyls (PCBs), as well as heavy oil (No and Meyers, 2000; Setti et 
al., 1999). So far, there is no report on the potentially beneficial effect of chitin or 
chitosan on oil biodegradation in beach sediments. 
 
The objective of this experiment was to provide evidence of biostimulation of the 
indigenous microbial biomass using the slow-release fertilizer, Osmocote, and two 
biopolymers, chitin and chitosan, on the bioremediation of oil-spiked beach sediment 
in a tropical environment.  Experimental data included in this chapter has been 
submitted for publication in Marine Pollution Bulletin. 
 
9.2 Materials and Methods 
 
9.2.1 Experimental Setup 
An uncontaminated beach sediment (2–10 cm depth, 71.0% sand, 28.9% silt, 0.1% 
clay, and 0.54 g organic C per kg dry sediment) was used for this study, and was 
collected from Pulau Semakau, a small island located 8 km to the south of Singapore’s 
main island. The sediment was subsequently spiked with Arabian light crude oil 
(ALCO) to reach a concentration of approximately 3.5 % (w/w, dwt). After 2-weeks of 
weathering, the oil content of the spiked sediments decreased to a petroleum 
hydrocarbon level of 2.44% (w/w, dwt). The experimental set-up was designed as an 
‘open’ irrigation system, where 5 kg of oil-spiked sediment was placed in free-draining 
microcosms. Sediments were irrigated twice per day with 2 L of artificial sweater, and 
tilled every day to maintain an aerobic condition. A range of treatments (Table 9.1) 





Sigma, St. Louis, MO) used was in the form of coarse flakes extracted from crab shell. 
The dosage of Osmocote (1.2%) was chosen according to the results in Chapter 7, 
which showed that a concentration of Osmocote ranging between 0.8 and 1.5% was 
optimal for oil biodegradation in beach sediments (Xu et al. 2003). The concentration 
of chitin and chitosan used was based on our unpublished laboratory studies, which 
showed that 0.1% chitin was optimal for oil biodegradation in sediments. 
 
Table 9.1 Bioremediation treatments on 5kg (dwt) of ALCO-spiked beached 
sediment. C, control; ChT, chitin; ChS, chitosan; Os, Osmocote. 
 
Bioremediation additives Treatment 
Osmocote, g Chitin, g Chitosan, g 
C 0 0 0 
ChT 0 5 0 
ChS 0 0 5 
Os 60 0 0 
Os&ChT 60 5 0 
Os&ChS 60 0 5 
 
9.2.2 Sampling 
Sediment and leachate samples were collected from each microcosm on days 0, 3, 7, 
14, 21, 28, 36, 42, 49, and 56 and used for the measurement of microbial DHA and 
respiration rates, concentration of n-alkanes, the conservative biomarker, C30-17α(H), 
21β(H)-hopane, and PAHs (i.e., 2- to 6- ring PAHs, as well as the C1 to C4 alkyl 
homologues of 2- and 3- ring PAHs). Sediments were sampled between irrigation 
episodes, where 100 g of sediment was taken from five separate points in each 
microcosm to a depth of 7 cm and mixed together to form a single composite sample. 
Leachate samples were collected just prior to an irrigation episode to ensure that most 
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of the seawater was leached from the sediments. These samples were then filtered for 
nutrient analysis. All analysis was completed in duplicate.   
 
9.2.3 Oil Sorbent Performance 
The oil sorbent capacity of chitin and chitosan in the presence of water was determined 
using a modified procedure based on ASTM F726-81 (Setti et al., 1999; see Section 
3.8.4 in Chapter 3). Oil adsorbancy of the sorbent was then determined by taking the 
ratio of oil adsorbed (Oa) to dry adsorbent weight (So) as follows (Eq. 3.2 in Chapter 
3): 
0S
OadsorbancyOil a=           
 
9.2.4 Biological Analysis 
The metabolic activity of the indigenous microbial biomass in the sediment samples 
was determined by the measurement of dehydrogenase activity (DHA) and microbial 
respiration, based on the method described in Section 3.8.6 and 3.8.8 in Chapter 3, 
respectively. 
 
9.2.5 Chemical Analysis 
Microcosms were saturated with seawater for 30 min prior to gravity drainage of 
leachate for collection and analysis. Therefore, the nutrient concentrations measured 
reflect the nutrient level in the sediment pore water in the various microcosms. 
Nutrients in seawater leachate were analyzed on a HACH DR/2000 direct reading 
spectrophotometer using HACH proprietary reagents. Ammonia-nitrogen (NH3–N), 
nitrate-nitrogen (NO3-–N), and phosphate-phosphorus (PO43-–P) were determined 





Oil residues were extracted using a microwave extraction system (Milestone 1200 
Mega; see Section 3.6.2 in Chapter 3). The straight (i.e., C10-C33) and branched alkanes 
(i.e., pristane and phytane), the conservative, non-biodegradable biomarker C30-17α(H), 
21β(H)-hopane (Prince et al., 1994), as well as PAHs (2 to 6 ring) were analyzed using 
GC-MS (see Section 3.8.9 in Chapter 3). The target PAHs analysed was the same as it 
shown in Section 3.8.9 in Chapter 3.  
 
9.2.6 Data Analysis 
Tukey's one-way analysis of variance (ANOVA) test, at a family error rate of 5%, was 
used to determine the statistical significance of chemical and biological data. Data 
were considered to be significantly different between two values if p < 0.05. All 
statistical analyses were performed using MINITAB Release 13.20. 
 
The first-order hopane-normalized model for oil biodegradation referred to Eqs. 3.3 
and 3.4 in Section 3.9.2 of Chapter 3. 
 
9.3 Results and Discussion 
 
9.3.1 Oil Sorbent Performance 
In this experiment, chitosan had a greater oil adsorbancy capacity (2.02 g⋅g-1 sorbent) 
than chitin (0.24 g⋅g-1 sorbent). This is consistent with the results reported by Setti et al. 
(1999), although the oil sorption capacity of chitosan was slightly lower than the value 
of 2.3 g⋅g-1 reported. The difference is likely caused by the higher degree of 
deacetylation (85%) of the chitosan that was used in this study compared to the 
chitosan (70% deacetylation) used by Setti et al. (1999). High degrees of deacetylation 
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results in a reduction of hydrophobicity and thus, a weakened sorption capacity 
(Schulz et al., 1998; Del Blanco et al., 1999). The higher oil adsorbancy of chitosan 
relative to chitin in this experiment is likely due to the waxes that exist on the fiber 
surface which elevate oleophilicity and hydrophobicity (Setti et al., 1999). 
 
9.3.2 Nutrients in Sediment Leachate  
As seen in Figure 9.1 a and b, [NH3–N] and [NO3-–N] in the ALCO-spiked control 
were in the range of 0.08 to 0.99 mg⋅L-1 and were the lowest among the six treatments 
over the 56-day experiment. Supplementation of sediments with chitin significantly 
elevated the nitrogen concentration, [NH3–N] (i.e., 0.8 to 3.8 mg⋅L-1) and [NO3-–N] 
(i.e., 0.3 to 1.0 mg⋅L-1) in the sediment leachate compare to the oil-spiked control 
(p<0.05) while   amendment of sediments with its derivative, chitosan, did not (p>0.05, 
Figure 9.1 a and b). This may be because chitosan has a higher degree of deacetylation 
than chitin and the substitution of amine at the second carbon in chitosan inhibits its 
hydrolysis by some substitution of amine at the second carbon in chitosan inhibits its 
hydrolysis by some enzymes (Zhang and Neau, 2001). The addition of chitin or 
chitosan had no significant effect on the sediment phosphorus concentrations since 
they do not contain this element. 
 
Osmocote was able to elevate the concentration of both nitrogen (i.e., NH3-N, NO3--N) 
and phosphorus  (i.e., PO43--P) in the sediment leachate over the first 21 days of the 
experiment and subsequently sustained them at relatively high and stable levels over 
the remaining days (Figure 9.1). This is consistent with the results of our previous 
studies on positive effect of Osmocote on enhancement of nutrient levels in beach 
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Figure 9.1 Concentration of nutrients in leachate from oil-spiked control and treated 
sediments. (a) NH3-N. (b) NO3--N. (c) PO43--P. Mean and standard 
deviation of duplicates are shown. 
 
This is clearly beneficial in terms of cost-efficiency during a beach sediment cleanup 
operation, as fertilizers need not be reapplied over short time intervals. The concurrent 
application of sediments with Osmocote and chitin or chitosan did not provide any 
significant additional benefits in terms of increased nutrient levels compared to the 
presence of Osmocote alone. 
 
9.3.3 Dehydrogenase Activity 
All sediments exhibited a noticeable variation in DHA activity with time (p<0.05, 
Figure 9.2). This is likely due to the changing composition of hydrocarbons in the 
sediments during the 56-d experiment (see below), since degradation of different 
classes of hydrocarbons are carried out by different populations of microorganisms at 





microorganisms can only respond to the intermediate products after they have 
acclimated to the new microenvironment (Atlas and Bartha, 1992; Palittapongarnpim 
et al., 1998; Riser-Roberts, 1998). Furthermore, in the case of the Osmocote containing 
sediments, this variation may also be attributed to the significant change in the nutrient 
concentration of sediment pore water over the 56 days (Figure 9.1). 
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Figure 9.2 Dehydrogenase activity of microbial biomass in oil-spiked control and 
treated sediments (mean and standard deviation of duplicates are shown). 
 
Dehydrogenase activity (DHA) in the oil-spiked control and the chitosan-amended 
sediments was almost identical (p=0.64), and significantly lower than in other treated 
sediments (p<0.05). DHA activity in these two sediments remained relatively stable in 
the range of 0.6 to 3.5 µg INTF.g-1 dry sediment.h-1 over the 56-d duration of the 
experiment (p>0.05). The low DHA activity was expected for the control and the 
chitosan treated sediments since hydrocarbon degradation by the microbes was limited 
by a deficiency of nutrients throughout the experiment. DHA in sediments treated with 
chitin alone maintained at a DHA level significantly higher than that in the control 
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(p<0.05). Apart from a slight reduction in DHA on Day 28, DHA in chitin alone 
treated sediments showed a continual increase up to Day 49, being approximately two 
fold higher than that in the chitosan alone amended sediments. This is likely to be a 
result of chitin degradation by microbes, which corresponds to the measured release of 
nitrogen in this sediment treatment (Figure 9.1).  
 
The presence of Osmocote significantly stimulated the DHA of microbial biomass in 
Os, Os&ChT, and Os&ChS sediments relative to the oil-spiked control (p<0.05). It 
was noted that the Osmocote amended sediments showed a DHA activity that was only 
marginally higher than that in the chitin amended sediments (p=0.049), suggesting that 
phosphorus concentrations were not a significant limiting factor to microbial biomass 
activity in the beach sediments. This is likely due to two reasons: (1) the existence of 
phosphorus in the natural beach sediments (i.e., 0.1-0.6 mg⋅L-1); and (2) the relatively 
lower amount of phosphorus (30 mg) than nitrogen (150 mg) required for the 
conversion of hydrocarbon (1 g) to cellular materials (Rosenberg et al., 1992). Overall, 
the addition of chitin or chitosan in the presence of Osmocote did not significantly 
enhance microbial biomass DHA activity compare to Osmocote alone (p>0.05).  
 
9.3.4 Respirometry 
The efficiency of the different bioremediation additives on stimulating the 
mineralization of hydrocarbon was clearly illustrated in the cumulative CO2 production 
curve (Figure 9.3).  The cumulative CO2 production was marginally, but significantly 
greater in sediments treated with chitin alone than the control over the 56-d experiment 
(p<0.05). On Day 56, the cumulative CO2 production in ChT sediments (3.7 L⋅kg-1 dry 





L⋅kg-1 dry sediment, respectively. p<0.05). This may be due to the biodegradation of 
chitin itself, which resulted in a release of nitrogen with a subsequent enhancement of 
aerobic respiration in the sediments. In contrast, the total amount of CO2 produced in 
the sediment amended with chitosan alone was equivalent to the amount generated in 
the oil-spiked control throughout the 56 days (p>0.05).  As such, chitosan alone did not 
appear to have any positive effect on the respiratory activity of the indigenous 
microbial biomass. 
 
 The application of Osmocote alone to the sediments resulted in a significant increase 
in the CO2 production (p=0.002). At the end of the 56-d experiment, the total amount 
of CO2 formed in sediments with Osmocote (24.8 to 26.0 L⋅kg-1 dry sediment) was 
significantly greater than those without (1.61 to 3.7 L⋅kg-1 dry sediment, p<0.05). The 
total amount of CO2 produced in sediments amended with chitin or chitosan, in the 
presence of Osmocaote did not differ significantly from sediments treated with 
Osmocote alone (p>0.05). This finding is consistent with data of nutrient analysis in 
the sediment leachate and DHA.of the indigenous microbial biomass. 
 
The cumulative O2 consumption curves for the control and the amended sediments (see 
Appendix B) exhibited a similar trend as their corresponding cumulative CO2 
production curves in Figure 9.3.  At the end of 56-d experiment, the cumulative O2 
consumed in the control, ChT, ChS, Os, Os&ChT, and Os&ChS treated sediments was 
3.80, 7.28, 3.72, 44.4, 42.6, and 41.8 L⋅kg-1 dry sediment, respectively. The calculated 
ratios of cumulative O2 consumed to CO2 produced were 2.36, 1.97, 2.26, 1.71, 1.66, 
and 1.68, respectively.   
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Figure 9.3 The cumulative CO2 production by the indigenous microbial biomass in the 
oil-spiked control and treated sediments. 
 
It is noted that all the ratios were greater than 1.5, which is the theoretical value 
calculated according to the stoichiometry of complete mineralization of a CH2 group 
(Nocentini et al., 2000). This is possibly because some of the oil-derived carbon would 
invariably be channeled into the biomass and microbial surfactant production, where 
the actual contaminant removal was likely to be greater than the amount respired. It is 
also noted that the ratios of cumulative O2 consumed to CO2 produced in sediments 
with Osmocote were significantly higher than without (p<0.05). This is likely due to 
the lower biodegradation rates of hydrocarbons in the sediments without Osmocote 
(see below). In these sediments, a greater percentage of hydrocarbons was transferred 
to the components of microbial biomass and a lower percentage of CO2 was released to 







9.3.5 Hydrocarbon Loss in Sediments 
Figures 9.4 and 9.5 show the biodegradation of total n-alkanes (i.e., C12 to C32) and 
target PAHs (i.e., 2- to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- 
ring PAHs) for all sediment treatments. Table 9.2 summarized the first-order rate 
constants (k), coefficients of determination (r2), and y-intercepts, as calculated by 
nonlinear regression for all target analytes, including total n-alkanes, branched alkanes 
(i.e., pristane and phytane), as well as PAHs with individual ring numbers from 2 to 6, 
for all sediment treatments. All hopane-normalized concentrations of target analytes 
declined in close approximation to the first-order biodegradation model (Eq. 3.4), 
where r2 values range from 0.9 to 0.998 (Table 9.2). Figures B2 to B7 show the 
biodegradation of total target branched alkanes (pristane and phytane), as well as the 
total target PAHs with individual ring number from 2 to 6 (see Appendix B). 
 
9.3.5.1 Biodegradation of n-alkanes 
Total n-alkanes (i.e. C10-C33) exhibited a continual and significant decline with time 
(Figure 9.4; p<0.05) in all sediments over the 56-d period of the experiment. All y-
intercepts for n-alkane biodegradation did not significantly differ from each other 
(Table 9.2, p>0.05). There was no significant difference between the total n-alkane 
biodegradation rates in the control and ChS sediments (p=0.15), and they were 
significantly lower than the other treated sediments (p<0.05). This correlated with the 
relatively low nutrient levels, low DHA and respiration data of the microbial biomass 
in the control and ChS sediments. In addition, the biodegradation rate of total n-
alkanes was significantly different between all treated sediments (p<0.05), indicating 
that all additives, with the exception of chitosan alone, significantly enhanced the total 
n-alkane biodegradation rate in oil-spike sediments. From Table 9.2, it can be noted 
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that the biodegradation rate of total n-alkanes in sediments follows the sequence of 
Os&ChS> Os&ChT > Os > ChT > ChS and C.  
 
Table 9.2 Summary of the y-intercepts (y0), rate constants (k), and coefficients of 
determination (r2) for the total n-alkane (C12 to C33), branched alkanes 
(pristine and phytane), PAHs (i.e., 2- to 6- ring PAHs and the C1 to C4 
alkyl homologues of 2- and 3- ring PAHs), as well as PAHs with different 
ring number from 2 to 6. R2-R3 respectively represents the total 2-ring 
PAHs and total 3-ring PAHs including their C1 to C4 alkyl homologues. 
R4-6 represents total PAHs with ring-number from 4 to 6, respectively.  
 






R2 R3 R4 R5 R6 
k, d-1 0.010 0.006 0.023 0.039 0.018 0.012 0.003 0.003 
r2 0.993 0.900 0.979 0.993 0.970 0.990 0.969 0.907 
C 
y0 877.1 50.60 242.6 94.81 143.6 2.242 1.895 2.248 
k, d-1 0.014 0.007 0.026 0.046 0.019 0.012 0.003 0.003 
r2 0.980 0.976 0.987 0.997 0.975 0.977 0.988 0.910 
ChT 
y0 836.9 47.49 247.6 97.25 146.2 2.200 1.880 2.230 
k, d-1 0.011 0.005 0.032 0.051 0.026 0.020 0.006 0.005 
r2 0.976 0.925 0.991 0.993 0.991 0.997 0.962 0.972 
ChS 
y0 850.9 47.68 253.9 99.23 150.5 2.276 1.878 2.238 
k, d-1 0.073 0.038 0.052 0.077 0.047 0.023 0.011 0.009 
r2 0.993 0.979 0.972 0.946 0.982 0.957 0.970 0.985 
Os 
y0 928.2 52.17 241.4 87.75 151.2 2.042 1.924 2.264 
k, d-1 0.087 0.045 0.056 0.099 0.049 0.024 0.011 0.010 
r2 0.983 0.968 0.969 0.959 0.980 0.963 0.972 0.998 
Os&ChT 
y0 928.0 52.49 240.1 90.70 149.1 2.060 1.900 2.290 
k, d-1 0.100 0.049 0.075 0.117 0.068 0.036 0.017 0.012 
r2 0.978 0.970 0.989 0.964 0.995 0.989 0.985 0.972 
Os&ChS 
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Figure 9.4 Concentration of total n-alkanes (i.e., C12 to n-C33) relative to hopane in oil-
spiked control and treated sediments over time (mean and standard 
deviation of duplicates are shown). C/CH, hopane-normalized concentration 
of total branched alkanes. 
 
Osmocote, chitin or chitosan alone significantly elevated the total n-alkane 
biodegradation rate by 7.3, 1.4, and 1.1 fold respectively, relative to the oil-spiked 
control. Therefore, Osmocote was considerably more effective in stimulating the 
biodegradation of n-alkanes than chitin or chitosan alone since it supplied sufficient 
nutrients for enhanced n-alkane biodegradation. The enhancement of chitin on n-
alkane biodegradation rates can be attributed to the release of nitrogen from chitin 
which alleviated the nutrient deficiency in the oil-spiked sediments. However, chitin or 
chitosan further enhanced the biodegradation rates of total n-alkanes by 8.7 and 10 
fold, respectively, when applied together with the major nutrient source, Osmocote, 
where chitosan was more effective than chitin. This is likely explained by the 
enhancement of the surface contact area between oil degrading bacteria and crude oil 
 141
Use of Biopolymers and Osmocote for Oil Bioremediation 
 
 
in the presence of chitin or chitosan since these two biopolymers can adsorb both crude 
oil and degrading bacteria (Setti et al., 1999). 
 
At the end of the experiment, the total n-alkane loss was, as expected, the least in the 
control (43.9%) and chitosan alone amended sediments (45.7%). In contrast, loss of n-
alkanes in sediments treated with chitin alone (56.9%) was significantly greater than 
control sediments. After 56 days, a reduction of 98.4%, 99.3% and 99.7% in n-alkane 
concentration was achieved in sediments of Os, Os&ChT, and Os&ChS, respectively.  
 
9.3.5.2 Biodegradation of branched alkanes 
The biodegradation rates of branched alkanes in all sediments were significantly lower 
than corresponding n-alkanes (p<0.05), which is to be expected due to their greater 
recalcitrance. The biodegradation rates of pristane in Os, Os&ChT, and Os&ChS 
sediments (i.e., 0.036, 0.042, and 0.05 d-1, respectively) were significantly greater than 
phytane (i.e., 0.026, 0.035, and 0.041 d-1, respectively, p<0.05). Phytane is more 
recalcitrant than pristane due to its longer carbon chain length. 
 
As for the biodegradation of total n-alkanes, the branched alkane biodegradation rates 
in the sediments treated with Osmocote were significantly higher that without. 
Osmocote alone elevated the biodegradation rate of branched alkanes by 6.3 fold 
relative to the control. In contrast, chitin or chitosan alone did not significantly affect 
the biodegradation rates of branched alkanes compared to the control. However, the 
combination of chitin or chitosan with Osmocote further enhanced the branched alkane 
biodegradation rates significantly relative to Osmocote alone (p<0.05). The 





and 8.2 fold higher than the control, respectively. The branched alkane biodegradation 
rate in Os&ChS sediments (0.049 d-1) was slightly higher than Os&ChT (0.045 d-1), 
but not significantly (p=0.06). 
 
9.3.5.3 Biodegradation of PAHs 
Figure 9.5 shows that the concentration of total target PAHs (2- to 6- ring PAHs, as 
well as the C1 to C4 alkyl homologues of 2- and 3- ring PAHs) decreased rapidly and 
significantly in all sediments (p<0.05). This is likely to be because the concentrations 
of 2- and 3- ring PAHs, which are more susceptible to biodegradation, were much 
higher than that of 4- to 6- ring PAHs in the oil-spiked sediments. In other words, the 
total target PAH biodegradation mainly reflected the biodegradation of 2- and 3- ring 
PAHs and their alkyl homologues in this study.  
 
There was no significant difference between total target PAH biodegradation rates in 
control and ChT sediments, neither between Os and Os&ChT (p>0.05). Thus chitin 
had no significant effect on total target PAH biodegradation in this experiment. In 
contrast, Osmocote alone and chitosan alone significantly enhanced the PAH 
biodegradation rates in sediments compared to the control (p<0.05). Os&ChS was the 
most effective treatment on total PAH biodegradation in sediments. At the end of 56-d 
experiment, 28.5, 25.0, 18.4, 5.6, 5.9, 2.3% of the total target 2-ring PAHs remained in 
the control, ChT, ChS, Os, Os&ChT, and Os&ChS treated sediments, respectively. 
 
From Table 9.2, it can be noted that the PAH biodegradation rate declined with the 
increase of PAH ring number in all sediment treatments. This is consistent with the 
results from our previous field trial on the beach of Pulau Semakau, Singapore (Xu et 
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al., 2003), and is expected as higher ring-number PAHs are more recalcitrant and less 
bioavailable than those of a lower ring-number (Atlas and Bartha, 1992, Mueller et al., 
1996). 



















Figure 9.5 Biodegradation of total target PAHs (i.e., 2- to 6- ring PAHs and the C1 to 
C4 alkyl homologues of 2- and 3- ring PAHs) for the different treatments 
over time. C/CH, hopane-normalized concentration of total branched 
alkanes. 
 
The biodegradation rates of 2-ring PAHs are significantly greater than any other group 
of analytes monitored, including n-alkanes, branched alkanes, as well as 3- to 6- ring 
PAHs (Table 9.2, p<0.05). This is likely due to their relatively higher bioavailability to 
the microbial biomass compared to PAHs of a higher ring number. It has previously 
been reported that some simple aromatics (i.e., naphthalene and 2-methylnaphthalene) 
may be biodegraded even more rapidly than alkanes (Fedorak and Westlake, 1981a, b). 
the biodegradation rate of total target 2-ring PAHs in sediments followed the sequence 





could enhance the biodegradation rate of 2-ring PAHs, and their effectiveness was in 
the order: Os > ChS > ChT. 
 
There was no significant difference between the ChT and control sediments for 
biodegradation rates of 3- to 6-ring PAHs (p>0.05, Table 9.2), or between Os and 
Os&ChT sediments (p>0.05, Table 9.2). Therefore, chitin had no significant additive 
effect on the biodegradation rates of PAHs with ring numbers higher than two in this 
experiment. Considering the above, as well as the results from oil sorbent capacity, 
nutrient measurements, DHA and respirometry analysis, the main benefits of chitin on 
oil biodegradation in sediments in this study were its supply of nitrogen and its ability 
to serve as an alternative carbon source for the indigenous microbial biomass. 
 
In contrast to the biodegradation rates of 3- to 6- ring PAHs in the ChT sediments, 
losses in ChS sediments were significantly greater than the control (p<0.05), and those 
in Os&ChS sediments were significantly greater than Os (p<0.05). However, those 
rates in chitosan alone treated sediments (ChS) were significantly lower than Os 
(p<0.05), except loss rates for 4-ring PAHs. That means nutrients levels were the key 
factors controlling PAH biodegradation rates in this experiment. With the increase of 
ring number, the bioavailability of PAHs also became a key factor affecting PAH 
biodegradation. In this study, the chitosan biopolymer was more effective in 
stimulating PAH biodegradation in oil-spiked sediments than chitin. This is because 
the chitosan had a greater oil sorption capacity than chitin. As a natural sorbent, it can 
also adsorb the oil degrading bacteria and form a water/cell/oil/sorbent interphase 
(Setti et al. 1999). This greatly increases the bioavailability and degradation of high 
ring number PAHs by the indigenous microbial biomass. 
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9.4 Concluding Remarks 
 
In this study, the slow-release fertilizer, Osmocote, maintained nutrient concentrations 
at high levels in leached oil-contaminated beach sediments. It was the most effective 
additive for stimulating the biodegradation of petroleum hydrocarbons by the 
indigenous microbial biomass.  Chitin was also effective (albeit less than Osmocote) as 
a nutrient source, since it is liable to biodegradation itself, and can release significantly 
higher concentrations of nitrogen than chitosan in amended sediments. Thus, chitin 
represents both a carbon and nitrogen source to the biomass, and this resulted in 
increased microbial dehydrogenase activity and aerobic respiration rates of the 
indigenous microbial biomass relative to the control. In contrast, chitosan had no 
noticeable beneficial effect on the above parameters. In the presence of Osmocote, 
both chitin and chitosan significantly enhanced the biodegradation rates of the straight 
and branched alkanes, as well as 2-ring PAHs relative to Osmocote alone. Chitin or 
chitosan alone also significantly stimulated the biodegradation of 2-ring PAHs in the 
sediments.. However, the addition of chitin did not stimulate the biodegradation of 
PAHs of ring numbers greater than 2 relative to the control or Osmocote treated 
sediments. In contrast, chitosan significantly enhanced PAH biodegradation when it 
was applied to sediments together with Osmocote, most likely due to its ability to 
enhance PAH bioavailability to the microbial biomass. Field data to test the 
effectiveness of chitosan on in situ PAH biodegradation in oil-contaminated sediments 






CHAPTER 10  
BIOREMEDIATION OF OIL-CONTAMINATED SEDIMENTS ON 
AN INTERTIDAL SHORELINE USING A SLOW-RELEASE 





Numerous laboratory studies have demonstrated the effectiveness of biostimulation 
and bioaugmentation on enhancing the biodegradation rate of petroleum hydrocarbons 
in sediments and soil. It has been hypothesized that various bioremediation methods 
and/or additives that have been tested under laboratory conditions may also work in the 
field. However, field bioremediation trials for oil contaminated beach sediments have 
often shown disappointing results relative to those achieved in laboratory studies as 
shoreline ecosystems are complex where many conditions and/or factors cannot be 
empirically controlled (Mearns, 1997). Therefore, for the purposes of this study, it has 
been important to demonstrate the effectiveness of techniques and additives studied in 
the laboratory in a real inter-tidal foreshore environment using oil-contaminated 
sediments. 
 
In the previous chapters, it has been proven that Osmocote is an effective nutrient 
source for bioremediation of oil-contaminated beach sediments in both the laboratory 
and field. However, the biodegradation of PAHs with high ring numbers (5 and 6) was 
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not so significant as for aliphatics and PAHs with low ring numbers form 2 to 4. The 
laboratory results of Chapter 9 showed that the combining usage of a biopolymer, 
chitosan, with Osmocote further enhanced 5 and 6- ring PAH biodegradation rates 
compare to oil-contaminated sediments amended with Osmocote alone. This was 
attributable to the oil sorbent performance of chitosan, which increased the 
bioavailability of PAHs to the microbial biomass. The objective of the work described 
in this chapter was to investigate the performance of this biopolymer in stimulating 
intrinsic biodegradation of petroleum hydrocarbons in sediments on an inter-tidal 
foreshore. Results are presented for a bioremediation field trial conducted to evaluate 
the combined effect of Osmocote and chitosan on oil biodegradation. 
 
10.2 Materials and Methods 
 
10.2.1 Experimental Setup 
A randomized complete block (RCB) design was used for experimental setup on the 
beach to avoid pseudo-replication. There were three separate treatments on oil-spiked 
sediments used in this experiment: (1) unamended control (C), (2) amendment of 
Osmocote (Os), and (3) addition of both Osmocote and chitosan (Os&ChS). Thus, 
three areas on the beach of Pulau Semakau, a small island 8 km south to the Singapore 
main island, were selected as treatment blocks. All the blocks lay between the upper 
and lower tidal limits and in a row parallel to the shoreline. Figure 10.1 shows the 
layout of the plots of different treatments in RCB designed blocks. Each of the nine 
free draining, stainless steel (grade 316) plots measured 75×75×60 cm and had two 
side windows, one of which faced to the sea and the other one was on the opposite side. 





sediment. There was a spatial separation of 6 m between blocks and 2 m between plots 
within one block. The fabrication of meshes and plots were referred to Section 8.2.1 in 
Chapter 8.  
Control (oil, sediment)
Os (oil, sediment, Osmocote)
Os&ChS (oil, sediment, Osmocote, chitosan)
High tide line
Low tide line
Block 1 Block 2 Block 3
     
Seawater
 
Figure 10.1 Plot layout on the inter-tidal foreshore of Pulau Semakau based on a 
randomized complete block design. 
 
The beach sediment (75.16% sand, 24.73% silt and 0.11% clay) was spiked with an 
Arabian light crude oil (ALCO) to reach an oil content of 5% (wet weight). The 
sediment was thoroughly homogenized by physical mixing and then weathered for two 
weeks. After that the oil content in the sediment decreased to 2.2%. Each plot 
contained 80 kg of oil spiked sediment, where three plots were an unamended control, 
three were treated with 1.2% Os (w/w), and three were amended with 1.2% Os (w/w) 
and 0.1% chitosan (ChS). Bioremediation additives were mixed into the oil-spiked 
sediment prior to placement into the respective plots. During the experiment, 100 g 
sediment samples were taken randomly from 8 different points to a depth of 15 cm in 
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each plot and composited into single sample for biological and chemical analyses. 
Sampling was conducted on day 0, 15, 25, 39, 49, 67, and 95. 
 
10.2.2 Nutrients in Sediment Pore Water Extracts 
Interstitial pore water was extracted and analyzed for ammonia (NH4+–N), nitrate 
(NO3-–N), and phosphate (PO43-–P) concentrations using the methods described in 
Section 8.2.2 of Chapter 8. Nutrient concentrations were expressed in mg⋅L-1 of 
sediment pore water. 
 
10.2.3 Dehydrogenase Activity 
The metabolic activity of the indigenous microbial biomass in the sediment samples 
was determined by the measurement of dehydrogenase activity (DHA), based on the 
method described in Section 3.8.6 in Chapter 3.  
 
10.2.4 Hydrocarbon Analysis 
Oil residues were extracted using a microwave extraction system (Milestone 1200 
Mega; see Section 3.6.2 in Chapter 3). The straight (i.e., C10-C33) and branched alkanes 
(i.e., pristane and phytane), the conservative, non-biodegradable biomarker C30-17α(H), 
21β(H)-hopane, as well as target PAHs (2 to 6 ring) were analyzed using GC-MS (see 
Section 3.8.9 in Chapter 3). 
 
10.2.5 Data Analysis  
One-way analysis of variance (ANOVA) test was used to determine the statistical 
significance of nutrient concentrations in sediment pore water extracts, DHA values 





in petroleum hydrocarbon concentrations normalized by hopane between treatments 
were determined by multiple comparisons using Tukey’s procedure at a family error 
rate of 5%. Data were considered to be significantly different between two values if p 
< 0.05.  All statistical analyses were performed using MINITAB® Release 13.2. Refer 
to Section 3.9.1 in Chapter 3. 
 
The first-order hopane-normalized model for oil biodegradation referred to Eqs. 3.3 
and 3.4. in Section 3.9.2 of Chapter 3.  
 
10.3 Results and Discussion 
 
10.3.1 Nutrients in Sediment Pore Water Extracts 
Figures 10.2a-c show the nutrient concentrations (NH4+-N, NO3--N, and PO43--P) in the 
pore water extracted from the unamended control and two treated sediments over the 
95-d duration of the field trial. Clearly, nutrient levels in control sediments were 
significantly lower than those treated with Osmocote (Os and Os&ChS) throughout the 
experiment (p<0.05). There were no significant differences between nutrient 
concentrations (NH4+-N, NO3--N, and PO43--P) in Os and Os&Chs treated sediments 
(p>0.05).  
 
During the 95-d field trial, [NH4+-N] in pore water extracts of the control sediments 
ranged from 0.18 to 0.63 mg⋅L-1 and did not vary significantly versus time (p=0.144). 
In contrast, [NO3--N] and [PO43--P] in control changed significantly (p=0.000). NO3--N 
is highly soluble in water and susceptible to leaching out from the sediments. At the 
same time, the assimilation and retention of essential nutrients in the microbial 
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biomass result in nutrient retention in an open beach environment (Sveum et al., 1994). 
Therefore, the concentration of NO3--N significantly fluctuated over the 95-d 
experimental duration.  
 


























































































Figure 10.2 Concentration of nutrients in sediment pore water extracts from oil-spiked 
control and treated sediments. (a) NH3-N. (b) NO3--N. (c) PO43--P. Mean 
and standard deviation of triplicates are shown. 
 
The concentration of PO43--P (0.02 to 0.54 mg⋅L-1) was significantly lower than 
nitrogen in the unamended oil-spiked control  (p<0.05). The significant decrease of 
PO43--P concentration after Day 39 in control was likely due to its depletion during the 
process of oil biodegradation. 
 
Nutrient concentrations in pore water extracts from sediments treated with Osmocote 
(Os and Os&ChS) increased significantly from Day 0 to Day 15 (p<0.05) and 
remained at a relatively stable level from Day 15 onwards (p>0.05). The addition of 
chitosan did not significantly affect the nutrient levels in the sediments compared to 
Osmocote treated sediments alone (p>0.05). This is consistent with the results of the 
laboratory experiment (see Chapter 9). Chitosan is the N-deacetylated derivative of 
chitin and also contains nitrogen, but is known to be less biodegradable than chitin (see 
chapter 9). Therefore, chitosan did not release nitrogen obviously in this study. 
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Chitosan does not contain phosphorus and did not elevate the phosphorus 
concentration in the sediments. 
 
10.3.2 Dehydrogenase Activity  
Metabolic activity of the indigenous microbial biomass, represented by dehydrogenase 
activity (DHA), over the 95-d experiment is shown in Figure 10.3.  DHA in the oil-
spiked control sediment significantly decreased in the first 15 days (p=0.006) and then 
remained at a relatively low and constant level (0.67 to 1.46 mg INTF⋅kg-1 dry 
sediment⋅h-1)  (p=0.171). The reduction of DHA in the first 15 days corresponded to 
the decline of nitrogen concentrations (NH4+-N and NO3--N) in the control (Figure 
10.2 a and b). Thus, the low DHA in control throughout the experiment could be 
attributed to the low concentration of the indigenous nutrients in the beach sediment. 
In contrast, DHA in Os and Os&ChS amended sediments increased significantly over 
the first 15 days (p=0.030 and 0.046, respectively) and was significantly higher than 
the control from Day 15 onward (p<0.05). This can be attributed to the significantly 
higher concentration of nutrients in Os and Os&ChS sediments compared to control 
sediments (Figure 10.2; p<0.05).  
 
It can be noted from Figure 10.3 that the DHA in Os and Os&ChS varied significantly 
over time (p<0.05). There were two maxima and one sharp reduction of DHA during 
the 95-d period of experiment. This contrasts with results from the other field trial 
conducted on Pulau Semakau (see Chapter 8), in which DHA declined continually 
following the first peak of DHA during the 105-d experiment (see Figure 8.2). The 
difference was likely due to the difference in climatic seasons between the experiments. 





the ‘wet season’, which is typified by frequent and heavy rainfall. The sharp reduction 
of DHA noted on day 39 in Os and Os&ChS amended sediments may be due to the 
heavy rainfall, which resulted in a high moisture content and possible depletion of 
oxygen levels in exposed beach sediments.  
 




























Figure 10.3 Dehydrogenase activity of the indigenous microbial biomass in oil-spiked 
control and treated sediments. Error bars represent a ±1 standard 
deviation unit.  
 
 
The addition of chitosan to the Osmocote treated sediments did not significantly 
elevate the DHA of the microbial biomass (p>0.05). This is consistent with the results 
of Chapter 9 and is most likely due to the insignificant increase of nutrient levels in 
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10.3.3 Hydrocarbon Losses 
All concentrations of the target analytes were normalized to sediment hopane (C/CH) 
concentration to identify losses due only to biodegradation (Venosa et al., 1996). Table 
10.1 summarizes the nonlinear regression results of hydrocarbon biodegradation in the 
oil-spiked control and treated sediments (Os and Os&ChS). The parameters include 
first-order rate constants (k), coefficients of determination (r2) for correlated parameter, 
and y-intercept (y0,T) of total straight alkanes, total target branched alkanes, total target 
PAHs (i.e., 2- to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring 
PAHs), as well as total target PAHs of individual ring number (2 to 6) separately. The 
experimentally measured y-intercepts (y0,E) on Day 0 in the control and treated 
sediments of each group of target analytes are also shown in Table 10.1. For each 
group of target analytes, the y0,E and y0,T values of all sediments were not significantly 
different from each other (Table 10.1; p>0.05). It was also noted from Table 10.1 that 
all the hopane-normalized concentrations of target analytes declined in close 
approximation to the first-order model (r2 ≥0.950). Figures 10.4 to 10.8 show the first-
order biodegradation of total straight alkanes, total PAHs, as well as PAHs with 
individual ring number from 4 to 6 in the control and two treated sediments. 
 
10.3.3.1 Biodegradation of n-alkanes 
It can be noted from Table 10.1 that the biodegradation rates of total n-alkanes in Os 
and Os&ChS sediments were 3.43- and 3.58-fold greater than control respectively. 
This is higher than previously reported enhancement factors of 2.3 in sediments 
amended with soluble nutrient sources (Venosa et al., 1996 and 1997). As a 
consequence, the concentration of total n-alkanes in above two treated sediments 





Table 10.1 First-order rate constants (k), coefficients of determination (r2), and y-
intercepts (C/CH)0 for the degradation of total n-alkanes (TnAlk; C10-C33), 
branched alkanes (TBrAlk; pristane and phytane), and PAHs (TPAHs; 2- 
to 6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring 
PAHs). R2-R3 respectively represents the total 2-ring PAHs and total 3-
ring PAHs including their C1 to C4 alkyl homologues. R4-6 represents 
total PAHs with ring-numbers of 4 to 6. y0, T, theoretically estimated 
values of y-intercept using first order biodegradation model; y0, E, 
experimentally measured values of y-intercept. 
 
Treatment C Os Os&ChS   
Measure k, d-1 r2 y0, T k, d-1 r2 y0, T k, d-1 r2 y0, T y0, E kOs&ChS/kOs 
TnAlk 0.028 0.969 1117 0.096 0.982 1140 0.100 0.990 1141 1143 1.04 
TBrAlk 0.020 0.959 97.75 0.054 0.996 88.85 0.054 0.987 89.72 88.10 1.00 
TPAHs 0.018 0.950 489.6 0.062 0.998 517.5 0.063 0.997 519.8 516.9 1.02 
R2 0.026 0.987 79.21 0.073 0.988 80.77 0.086 0.989 81.08 81.57 1.18 
R3 0.021 0.962 409.3 0.064 0.999 425.8 0.078 0.999 424.3 424.3 1.22 
R4 0.008 0.984 2.244 0.030 0.961 2.264 0.046 0.966 2.313 2.249 1.53 
R5 0.005 0.969 2.418 0.015 0.990 2.473 0.027 0.967 2.619 2.466 1.80 
R6 0.002 0.971 6.349 0.009 0.956 5.961 0.023 0.958 6.359 6.313 2.56 
 
The concentration of total n-alkanes in the control also decreased, albeit at a lower rate 
relative to treatments, to below 100 hopane units at the end of the 95-d experiment. 
This shows that n-alkanes can be effectively biodegraded in beach sediments by the 
indigenous microbial biomass on an inter-tidal foreshore in Singapore even without 
sediment amendment of bioremediation additives. The significantly greater 
biodegradation rates of n-alkanes in treated sediments than the control can be 
attributed to the significant higher nutrient levels, which induces higher metabolic 
DHA of microbial the biomass (See Section 10.3.1 and 10.3.2).  
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Figure 10.4 First-order decline of total n-alkanes over the duration of 95-d experiment. 
Error bars represent ±1 standard deviation unit. C, control; Os, treatment 
with Osmocote; Os&ChS, treatment with Osmocote and chitosan. 
 
There was no significant difference in alkane degradation between the Os and 
Os&ChS treated sediments. From Figure 10.4, it can be seen that the first-order 
approximation curves of total n-alkane biodegradation in Os and Os&ChS sediments 
almost completely overlap throughout the entire duration of experiments. However, the 
laboratory experiment, as detailed in Chapter 9, showed that the biodegradation rate of 
total n-alkanes in Os treated sediments was significantly lower than sediment treated 
with Os&ChS (Chapter 9). The alkane biodegradation rate in the Os sediment 
treatment under field conditions was significantly higher than in the laboratory 
(p=0.012) while those of Os&ChS trested sediments were identical (see Table 9.2 and 
Table 10.1). It is likely that the heavy rainfall during the period of this field trial 
enhanced the moisture content of sediments at low tide and accelerated the nutrient 





field trial performed during the ‘dry season’ (Xu et al. 2004; Chapter 8), thus 
enhancing microbial biodegradation rates.   
 
The addition of chitosan to Os treated sediments did not significantly elevate the n-
alkane biodegradation rate compare to Osmocote alone (p=0.281). From results 
presented in Chapter 9, it is known that one of the main functions of chitosan for an oil 
bioremediation is to enhance bioavailability of the hydrocarbons to the microbial 
biomass. Compared to PAHs, n-alkanes are more readily bioavailable to the oil 
degrading biomass and are degraded at a high rate in the sediments treated with 
Osmcote in this study. As a result, chitosan did not show a significant effect on n-
alkane biodegradation in the presence of Osmocote under field conditions 
 
10.3.3.2 Biodegradation of branched alkanes 
Similar to the first-order approximations of total n-alkane biodegradation, those of 
branched alkanes in Os and Os&ChS sediments also overlapped over the duration of 
the 95-d field experiment (see Figure C1 in Appendix C). Thus, the biodegradation 
rates of branched alkanes in Os and Os&ChS treated sediments were almost identical 
and 2.7-fold greater than in the control. As expected, the biodegradation rates of 
branched alkanes in all sediments were significantly lower than the n-alkanes (Table 
10.1; p<0.05), where branching of the hydrocarbon molecule hinders biodegradation 
(Baker and Herson, 1994), which is also repressed by the presence of straight chain 
alkanes (Del’Arco and de Franca, 2001). Degradation of pristane and phytane in our 
studies has repeatedly confirmed their limitation as biomarkers in hydrocarbon 
bioremediation due to their own susceptibility to biodegradation, as earlier noted by 
Prince et al. (1994). 
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Figure 10.5 First-order reduction of total target PAHs (i.e., 2- to 6- ring PAHs and C1 
to C4 alkyl homologues of 2- and 3- ring PAHs) over the duration of the 
95-d field experiment. Error bars represent a ±1 standard deviation unit. C, 
control; Os, treatment with Osmocote; Os&ChS, treatment with 
Osmocote and chitosan. 
 
10.3.3.3 Loss of total target PAHs 
Figure 10.5 shows the biodegradation of total target PAHs (TPAHs) as well as the 
approximated first-order biodegradation kinetics in the control and two treated 
sediments (Os and Os&ChS). The biodegradation rates of total target PAHs in Os and 
Os&ChS treated sediments were almost identical and about 3.5-fold higher than in the 
control sediment. This is greater than enhancement factors of 1.5 to 2 fold achieved by 
manipulating nutrients and oxygen in sediments, as previously reported in the literature 
(Mearns, 1997; Venosa et al., 1996 and 1997). From Table 10.1, it can be noted that 
biodegradation rates of TPAHs in Os and Os&ChS sediments were significantly higher 
than branched alkanes (p=0.052). This is most likely due to the relatively high losses 
of 2- and 3-ring compounds, which more susceptible to biodegradation compared to 
high molecular weight PAHs, and which account for the majority of the PAHs present 





normalized concentrations of total target 2- and 3-ring PAHs were significantly higher 
than 4- to 6-ring PAHs (p=0.000).  
 
10.3.3.4 Biodegradation of total target PAHs with individual ring number  
The biodegradation rate of PAHs declined significantly with increasing benzene ring 
number in both the control and two treated sediments (Table 10.1) since structures 
with four or more condensed rings are more resistant to enzyme attack (Atlas and 
Bartha, 1992). The concentrations of 2- and 3-ring PAHs dropped significantly over 
time in all sediments (Figures C2 and C3; p<0.05) and showed similar trends as total 
target straight, branched alkanes, and TPAHs (Figures 10.4, C1, 10.5). The addition of 
Os to the oil-contaminated sediment enhanced the field biodegradation rates of 2- and 
3-ring PAHs by 2.81 and 3.05 fold, respectively, relative to the control. The 
corresponding enhancement factors of Os&ChS were 3.31 and 3.71, respectively. The 
rates of 2-ring PAHs losses in the control sediment were not significantly different 
from that of total n-alkanes (p=0.071). This has been previously reported in chapters 6, 
8, and 9, and is likely due to the higher susceptibility of 2-ring PAHs to biodegradation. 
Certain simple aromatics, such as naphthalene and 2-methylnaphthalene, can be 
biodegraded even more rapidly than n-alkanes (Fedorak and Westlake, 1981a, b).  
 
Figures 10.6 to 10.8 show that the concentrations of PAHs with ring numbers from 4 to 
6 in Os&ChS sediments degraded more rapidly than sediment treated with Os alone. 
Osmocote enhanced the biodegradation rates of 4-, 5-, and 6-ring PAHs by 3.75, 3.00 
and 4.5 fold, respectively, compared to the control sediment. The corresponding 
biodegradation enhancement factors of Os&ChS were 5.75, 5.40, and 11.5, 
respectively. It can also be noted from Table 10.1 that the biodegradation rate ratio of 
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Os&ChS to Os for PAHs is proportional to the PAH ring number. Therefore, chitosan 
could further elevate the biodegradation rate of PAHs in the presence of Osmocote 
under field conditions, and its beneficial effect was more apparent on PAHs of a higher 
ring number than those of lower ring number as well as aliphatic components of the oil. 















Figure 10.6 First-order reduction of total target 4-ring PAHs over the duration of 95-d 
experiment. Error bars represent a ±1 standard deviation unit. C, control; 




Overall, in the sediments of the field experiment, the biodegradation of aliphatics was 
more liable to be stimulated than high molecular weight PAHs by simply manipulating 
the nutrient and oxygen conditions in the beach sediments. This may be explained by 
the higher bioavailability of the aliphatics than PAHs and the beneficial effects of 
extracellular emulsifying agents produced by hydrocarbon-degrading microorganisms 





















Figure 10.7 First-order reduction of total target 5-ring PAHs over the duration of the 
95-d field experiment. Error bars represent a ±1 standard deviation unit. C, 
control; Os, treatment with Osmocote; Os&ChS, treatment with 
Osmocote and chitosan. 
 
 















Figure 10.8 First-order reduction of total target 6-ring PAHs over the duration of the 
95-d field experiment. Error bars represent a ±1 standard deviation unit. C, 
control; Os, treatment with Osmocote; Os&ChS, treatment with 
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In contrast, the bioavailability of high ring number PAHs to the microbial biomass was 
more difficult to enhance than the aliphatics and low ring number PAHs. In natural 
environments, many microorganisms do not have a high cell-surface hydrophobicity 
and therefore do not adhere to oil (Rosenberg and Rosenberg, 1985). These bacteria 
only metabolize the soluble oil hydrocarbons (Rosenberg et al., 1992). Other bacteria, 
which have high cell-surface hydrophobicity can adhere to the high molecular weight 
hydrocarbons (Rosenberg et al., 1992). They can be readily observed in the oil droplets 
under a microscope (Li et al., 2000). The former group can directly contact with 
dissolved nutrients in pore water, but lack the ability to contact with high molecular 
weight hydrocarbons and are therefore metabolically constrained. In contrast, bacteria 
with a high cell-surface hydrophobicity are capable of thriving at the 
hydrocarbon/water interface of an oil droplet (Rosenberg et al., 1992).  
 
In this experiment, chitosan provided a medium for microorganisms to contact 
simultaneously with both hydrocarbons and nutrients. It is known that chitosan is an 
oil sorbent and also has hydrophilic functional groups (-NH2 and –OH). Applying oil 
sorbents to oil-contaminated sediment in an inter-tidal foreshore environment would 
facilitate a water/cell/oil/sorbent interface with improved interaction between the oil 
hydrocarbon substrate and the degrading microorganisms (Setti et al., 1999). The 
degradation of chitosan also represents a secondary source of nutrients in the presence 
of Osmocote. As a result, the biodegradation rates of PAHs with a ring number greater 
than 4 were significantly enhanced in the presence of chitosan than in the presence of 







10.4 Concluding Remarks 
 
Nutrient level in sediment pore water is a key factor for the success of an oil 
bioremediation performed in an inter-tidal foreshore environment. Experiments in this 
study have shown that biodegradation rates of the petroleum hydrocarbons are 
significantly enhanced by amendment of the slow-release fertilizer, Osmocote, to 
beach sediments. However, the bioavailability of the hydrocarbons and nutrients to the 
indigenous microbial biomass is also crucial for the biodegradation of high molecular 
weight PAHs. The addition of the biopolymer, chitosan, to the Osmocote amended 
sediments significantly elevated the biodegradation rates of 4- to 6- ring PAHs in this 
study. As an oil sorbent, chitosan is derived from a natural source and is degradable in 
the natural environment without negative biological impacts to the marine environment 
(Gooday et al., 1991). This study has shown that the ability of the biopolymer chitosan 
to accelerate the biodegradation rates of high molecular weight compounds in oil 






CHAPTER 11  
CONCULUSIONS AND RECOMMENDATIONS 
 
 
11.1 Summary of Main Conclusions 
 
In this study, the potential of an in situ bioremediation of oil-contaminated beach 
sediments in a tropical marine foreshore has been investigated. A series of techniques 
have been developed for stimulating and monitoring the biodegradation of petroleum 
hydrocarbons in sediments during the process of an oil bioremediation program. 
 
Initially, the stimulatory effects of crude palm oil (CPO), inorganic soluble nutrients, 
and an enhanced microbial biomass inoculum on oil biodegradation in beach sediment 
were investigated (Chapter 4). It was found that CPO reduced the TRPH loss and 
hindered alkane biodegradation in the absence of the nutrients as the application of 
CPO alone increased the biological oxygen demand and severely depleted available 
nutrients in the sediments. The introduction of an enhanced biomass inoculum 
increased biodegradation, especially in the presence of nutrients. The addition of 
inorganic nutrients alone was sufficient to enhance the dehydrogenase activity of the 
indigenous microbial biomass. Indeed, the presence of nutrients was the most 
beneficial factor in enhancing the biodegradation of petroleum hydrocarbons compared 
to enhanced biomass inoculum and amendment with CPO. It was also shown that C30-





phytane, and was therefore a more reliable biomarker for monitoring oil 
biodegradation in beach sediments.  
 
Secondly, based on the initial results, research was focused on seeking a nutrient 
source that could sustain nutrient levels in the beach sediments on an intertidal 
foreshore. Three forms of nutrient source- soluble inorganic nutrients, Inipol, and 
Osmocote, were selected to stimulate oil biodegradation by the indigenous microbial 
biomass (Chapter 5 and 6; Xu and Obbard, 2003 and 2004). The beneficial effects of 
both soluble inorganic nutrients and Inipol were found to be limited due to their 
susceptibility to leaching loss from irrigated sediments. In contrast, sediments 
amended with the slow-release inorganic fertilizer Osmocote maintained nutrient 
levels at a concentration that was beneficial for the enhanced and prolonged 
bioremediation of oil-contaminated sediments. The presence of Osmocote was able to 
elevate not only aliphatic, but also PAH biodegradation, in a seawater leached oil-
contaminated beach sediment. The biodegradation rates of total target PAHs (i.e., 2- to 
6- ring PAHs and the C1 to C4 alkyl homologues of 2- and 3- ring PAHs) were 
significantly higher in all sediments treated with Osmocote than without (p<0.05). 
Therefore, the selection of a suitable form of nutrient amendment can significantly 
enhance indigenous microbial biodegradation of oil components, including both 
alkanes and PAHs in leached beach sediments. Our study advocates the use of the 
slow-release fertilizers, such as Osmocote, as a sustained and effective source of 
nutrients for the intrinsic bioremediation of oil contaminated beach sediments. 
 
Thirdly, from the economic aspect, the optimal dosage of Osmocote was investigated. 





4.0%, sediment dry weight equivalent) on oil biodegradation in sediments was studied 
over a 42-day period under simulated conditions of tidal inundation and leaching 
(Chapter 7; Xu et al. 2003). When implementing a bioremediation program using 
nutrients on oil-contaminated beaches, the washout rate of dissolved nutrients and 
rainfall should also be considered. It was determined that there were no significant 
enhancements in DHA, or the biodegradation of straight chain alkanes (C10 – C33), in 
sediments with an Osmocote dosage above 0.8 %. However, a dosage of 1.5% resulted 
in maximum biodegradation of the branched alkanes, pristane and phytane. Results 
from this experiment showed that only relatively low dosages of Osmocote fertilizer in 
the range of 0.8 to 1.5 % were needed to significantly enhance the metabolic activity of 
the indigenous microbial biomass and maximize biodegradation of petroleum 
hydrocarbons in oil-contaminated sediments in a leached sediment.  
 
Fourthly, an in situ field trial of oil bioremediation in oil-contaminated beach 
sediments amended with Osmocote was established on the inter-tidal foreshore of 
Pulau Semakau, an island south of Singapore main island (Chapter 8; Xu et al. 2004).  
It was shown that a sustained release of nutrients from Osmocote under natural field 
conditions dramatically increased the metabolic activity of the indigenous microbial 
biomass in beach sediments, and significantly accelerated the biodegradation of oil 
hydrocarbons (i.e., aliphatics and PAHs). This finding supports and extended the 
laboratory studies where Osmocote was applied to oil-contaminated beach sediments 
to stimulate hydrocarbon biodegradation under controlled conditions (Xu and Obbard, 
2003; Xu et al., 2003). The ability of Osmocote to supply a sufficiently high level of 
nutrients over a 105-d period to the microbial biomass in an open, leached foreshore 





Therefore, Osmocote can be regarded as an effective slow-release fertilizer for the 
biodegradation of petroleum hydrocarbons in oil contaminated beach sediments on the 
inter-tidal foreshore in the tropical environment of Singapore. 
 
Fifthly, it is known that the biodegradation of PAHs is limited due to their low 
bioavailability and water solubility and strong adsorption onto sediments. Application 
of nutrients alone is not enough to stimulate the biodegradation of PAHs.  Chitin and 
chitosan, which are good sorbents for many potential environmental contaminants, 
were amended to the oil-contaminated beach sediments to determine the ability of 
these biopolymers to enhance the bioavailability of PAHs to the microorganisms 
(Chapter 9). It was found that chitin was effective (albeit less than Osmocote) as a 
nutrient source, since it is liable to biodegradation itself, and can release significantly 
higher concentrations of nitrogen than chitosan in leached sediments. Thus, chitin 
represents both a carbon and nitrogen source to the biomass, and this resulted in 
increased microbial dehydrogenase activity and aerobic respiration rates of the 
indigenous microbial biomass, as well as n-alkane degradation rates relative to the 
control. In contrast, the presence of the chitosan biopolymer had no noticeable 
beneficial effect. However, the addition of chitin did not stimulate the biodegradation 
of PAHs of ring numbers greater than 2 relative to the control or Osmocote treated 
sediments. In contrast, chitosan significantly enhanced PAH biodegradation when it 
was applied to sediments together with Osmocote, most likely due to its ability to 
enhance PAH bioavailability to the microbial biomass.  
 
Lastly, chitosan was applied with Osmocote in a field experiment at Palau Semakau to 





sediments under a natural tidal inundation, and exposure to precipitation and leaching 
(Chapter 10). Maintenance of optimal and sustained nutrient levels in sediment pore 
water is a key factor for effective oil bioremediation in an inter-tidal foreshore. The 
biodegradation rates of the petroleum hydrocarbons were significantly enhanced by 
amendment with Osmocote to the beach sediment at a concentration of 1.2% (w/w) as 
the last field experiment. The bioavailability of hydrocarbons and nutrients to the 
indigenous microbial biomass is particularly crucial for the biodegradation of high 
molecular weight PAHs. The addition of the biopolymer, chitosan, at a concentration 
of 0.1% w/w to the Osmocote-amended sediments significantly elevated the 
biodegradation rates of 4- to 6- ring PAHs by 1.53 to 2.56 folds relative to Osmocote 
alone in this work. As an oil sorbent, chitosan is derived from a natural source and 
degradable in the natural environment without negative ecological impact.  
 
This research has clearly demonstrated that the indigenous microbial biomass of oil-
contaminated beach sediments has the ability, in an optimised microenvironment, to 
effectively biodegrade recalcitrant petroleum hydrocarbons in beach sediments 
impacted by oil spillages. Overall, this work has highlighted the benefit of the 
application of biopolymers, in conjunction with a slow-release source of nutrients, on 
accelerating biodegradation of high molecular weight oil components in sediments in 
the inter-tidal foreshore. These bioremediation additives represent a powerful 
combination for use in oil clean-up programs in tropical environments to minimize the 







11.2 Recommendations for Future Work and Final Comment 
 
Specific recommendations for the future work include: 
1. Toxicity and health considerations  
 
It is important to demonstrate that bioremediation treatments do not produce 
any negative ecological effects. The next step for establishing an in situ oil 
bioremediation system in Singapore should focus on testing the direct toxicity 
of the Osmocote, chitosan, as well as the metabolism intermediate products 
produced during the process of oil biodegradation to the indigenous organisms. 
Toxicity tests could be run using the microcrustacean Daphnia bivalve, such as 
oyster larvae, and fish larvae, such as salmon or sea bass, which are important 
species in tropical regions. 
 
2. Establishing a bioreactor system for the bioremediation of beach sediments 
contaminated with high-level heavy oil  
 
Significant amounts of higher molecular weight oil components may remain in 
the sediment for several years after an oil spill near shoreline. Bioremediation 
of these compounds in situ may be very slow. However, using a slurry 
bioreactor, the bioremediation effectiveness would be improved since oil 
substrates can be efficiently transported to microbial cells. Use of conventional 
slurry bioreactors has been limited to reclaim silt or clay soil since sand cannot 
be properly mixed in this reactor. It would be highly desirable if whole 





and other sediments from solids combined with separate washing. Rotating 
drum reactors have been used to handle high solid levels (Gray et al., 1994). 
We may also consider designing a rotating drum bioreactor for bioremediation 
of beach sediments contaminated with high-level heavy oil off site.  
 
3. Application of surfactants 
Bioavailability of the hydrocarbons is one of the main factors that influence the 
extent of oil biodegradation, and increasing bioavailability is a priority 
objective in bioremediation research (Bardi et al. 2000). The hydrophobicity 
and low water solubility of the heavy portion of oil means that hydrocarbons 
transfer very slowly from the non-aqueous to the aqueous phase where they are 
subject to metabolization by microorganisms. Therefore, introduction of a non-
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Appendix A Supplemental Data of Chapter 8 















Figure A1 First-order decline in branched alkanes (pristane and phytane). Error bars 
represent ±1 standard deviation unit. C, control samples; Os, Osmocote 





















Figure A2 First-order decline in total target 2-ring PAHs (i.e., naphthalene and its 
C1 to C4 alkyl homologues). Error bars represent ±1 standard deviation 
unit. C, control samples; Os, Osmocote treated samples. C/CH, hopane-
normalized concentration of total target 2-ring PAHs. 
 
 















Figure A3 First-order decline in total target 3-ring PAHs and their C1 to C4 alkyl 
homologues. Error bars represent ±1 standard deviation unit. C, control 
samples; Os, Osmocote treated samples. C/CH, hopane-normalized 






                          















Figure A4 First-order decline in total target 4-ring PAHs. Error bars represent ±1 
standard deviation unit. C, control samples; Os, Osmocote treated 


















Figure A5 First-order decline in total target 5-ring PAHs. Error bars represent ±1 
standard deviation unit. C, control samples; Os, Osmocote treated 





















Figure A6 First-order decline in total target 6-ring PAHs. Error bars represent ±1 
standard deviation unit. C, control samples; Os, Osmocote treated 





                          
Appendix B Supplemental Data of Chapter 9 
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Figure B1 The cumulative O2 consumption by the indigenous microbial biomass in 
the oil-spiked control and treated sediments. 
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Figure B2 Biodegradation of branched alkanes (pristane and phytane). Mean and 
standard deviation of duplicates are shown. C/CH, hopane-normalized 

























Figure B3 Biodegradation of total target 2-ring PAHs (i.e., naphthalene and its C1 to 
C4 alkyl homologues). Mean and standard deviation of duplicates are 























Figure B4 Biodegradation of total target 3-ring PAHs and their C1 to C4 alkyl 
homologues (mean and standard deviation of duplicates are shown). C/CH, 
hopane-normalized concentration of total target 3-ring PAHs and their C1 
to C4 alkyl homologues. 
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Figure B5 Biodegradation of total target 4-ring PAHs (mean and standard deviation 
of duplicates are shown). C/CH, hopane-normalized concentration of total 
target 4-ring PAHs. 
 
 


















Figure B6 Biodegradation of total target 5-ring PAHs (mean and standard deviation 
of duplicates are shown). C/CH, hopane-normalized concentration of total 



























Figure B7 Biodegradation of total target 6-ring PAHs (mean and standard deviation 
of duplicates are shown). C/CH, hopane-normalized concentration of total 
target 6-ring PAHs. 
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Appendix C Supplemental Data of Chapter 10 
 















Figure C1 Biodegradation of branched alkanes (pristane and phytane). Mean and 
standard deviation of duplicates are shown. C/CH, hopane-normalized 
concentration of total branched alkanes. 
 
















Figure C2 Biodegradation of total target 2-ring PAHs (i.e., naphthalene and its C1 to 
C4 alkyl homologues). Mean and standard deviation of duplicates are 























Figure C3 Biodegradation of total target 3-ring PAHs and their C1 to C4 alkyl 
homologues (mean and standard deviation of duplicates are shown). C/CH, 
hopane-normalized concentration of total target 3-ring PAHs and their C1 




                          










Appendix E Field Trial Photos of Chapter 8  
 
Figure E1 
The arrangement of field trial setup. 
 
Figure E2 
The quadrat with side windows. 
 
Figure E3 
Oil-spiked control after one year  
 
Figure E4 
Oil-spiked sediment amended with 







                          
 
Appendix F  Field Trial Photos of Chapter 10  
 
 
Figure F1  
Oil-spiked control on Day 0 
 
Figure F2 
Oil-spiked control on Day 95 
 
Figure F3 
Oil-spiked sediment treated with 
Osmocote alone on Day 95 
 
Figure F4 
Oil-spiked sediment treated with 
Osmocote and chitosan on Day 95 
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